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Abstract  

R-loops are triple-stranded nucleic acid structures containing an RNA moiety paired 

with its antisense DNA template strand and the loop of the displaced, single-stranded 

DNA (ssDNA). RNA:DNA hybrids form under normal physiological conditions and 

exert multiple biological functions. However, persistent R-loops have been shown to 

mediate replication stress, DNA damage and drive genomic instability, with a 

particular relevance at vertebrate telomeres. 

We recently found that the RNA-binding protein SFPQ has a critical role in limiting 

R-loops formation at telomeres of human cancer cell. In line with this, loss-of-function 

SFPQ cells show increased levels of RNA:DNA hybrids, replication stress and DNA 

damage markers and subsequent genomic instability at telomeres level.  

Here we show that SFPQ function is not limited to telomeres, but expands to other 

non-coding repeat regions in the human genome, as depicted by ChIP-seq analysis, 

paralleled by increased R-loop levels and genomic instability. 

Moreover, SFPQ action is mediated by the its novel interactor DAXX, that allows R-

loop suppression by inserting H3.3 histone variant. 

Finally, RNA-seq analysis pointed out a SFPQ - R-loop dependent signature of innate 

immune response activation, unveiling a novel connection between non coding 

genome regulation and immune response, suggesting SFPQ as putative target for 

sarcoma treatment. 
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1 Introduction 

 

1.1  R-loop 

R-loops are triple-stranded nucleic acid structures that contain RNA:DNA hybrids, 

formed by a RNA molecule hybridized to its cognate DNA template, and the resulting 

displaced, single-stranded DNA (ssDNA) [1]. 

X-ray crystallography structural studies reveal that RNA:DNA hybrid adopt a 

particular conformation that is an intermediate between the A-form of nucleic acid, 

typical of double-stranded RNA (dsRNA) and the B-form which is peculiar of double-

stranded DNA (dsDNA) [2].  

R-loops were first discovered as transcription byproduct in bacteria[3], and 

subsequently detected in all relevant model organisms, as reviewed here [4]–[7].   

Mapping experiments revealed that R-loops form all across the genome, both in coding 

and non-coding portions [8].  

Two models have been proposed for R-loop formation. R-loops form prevalently co-

transcriptionally, in cis, driven by negative supercoiling of DNA upstream of the 

progressing RNA polymerase (RNA-pol) that was shown to increase the likelihood of 

the nascent transcript to anneal to its complementary DNA strand [9]–[11].  

Recent evidence support also the formation of R-loops in trans, a RAD51 dependent 

mechanism that supports invasion and base-pairing of RNAs to a complementary, yet 

spatially distant DNA sequence, forcing the looping of the non-homologous strands 

(Figure 1) [12], [13]. 

R-loop forming regions are typically G-rich [14], [15] presenting  GC-  and AT-skew, 

thus indicating an asymmetric nucleotide distribution in such regions [16]–[22]. The 

asymmetry in also reflected in the nucleotide strand abundance, with cytosines on the 

template strand and guanines on the non-template strand [16], [17], [23]. On top of 

this, G/C-rich R-loops can be further stabilized by folding of the displaced ssDNA into 

G-quadruplex (G4) structures. G4 structures form by intra or intermolecular stacking 

of two or more guanine tetrads, held together by Hoogsteen hydrogen bonds [24]–[27]. 

Due to the high energy level of guanin-guanin bonds, once formed, G4 structures can 

promote R-loop stability, thus impairing their resolution [9], [28]. 

 

 



7 
 

 

1.2 Physiological roles of  R-loop structures 

R-loops represent prime sites for DNA damage mediated by replication-transcription 

conflicts between the replisome and RNAP complexes moving along DNA, increasing 

mutation rate [29], [30]. However, besides these deleterious effect, R-loops has been 

reported control central physiological processes [31]–[35] across different species [34], 

[36]–[38]. Most classic example range from R-loop driven immunoglobulin class switch 

recombination (CSR) promote antibody isotype diversity in activated B cells [39]–[41] 

to formation of RNA primers for the replication of the bacteriophage T4 DNA [42], the 

natural ColE1 plasmid [43], and mitochondrial DNA [44].  

R-loops have been identified to play crucial role in controlling chromatin structure and 

gene transcription, either activating or repressing it [17], [33]. 

  

R-loop RNA:DNA Hybrids 

Figure 1. Models of RNA:DNA hybrid and R-loop formation.  

RNA:DNA hybrids and R-loops are physiologically present at different locations in the genome, carrying 

out many distinct functions. Left, RNA:DNA hybrids are reported to mediate Telomeres elongation and 

DNA replication. Right, R-loops are shown to occur both in cis, by hybridizing downstream the 

transcribing RNA pol II, and in trans, by lncRNA in  RAD51 recombinase-dependent manner. These 

interactions between RNA and DNA have important implications for DNA repair, replication, and gene 

regulation. Image adapted from Niehrs & Luke, 2020 [10]. 
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1.2.1 Regulation of Gene Expression and Chromatin Structure 

R-loops have been linked with the imposition of post-translational histone 

modifications during transcriptional activation or repression [16], [34], [45]. 

In the context of chromatin condensation, a study in yeast S. pombe showed that single-

stranded DNA of R-loops located in centromeric regions can recruit the RNA-induced 

transcriptional silencing (RITS) complex to promote pericentric heterochromatin 

formation [46]. In addition to this, R-loop formation at centromeric and 

pericentromeric regions has been associated with the imposition of H3S10P, a 

repressive chromatin compaction mark, known to accumulate in mitosis and meiosis, 

impacting on chromosome segregation [45], [47], [48]. On the other hand, R-loops at 

CpG rich promoter regions, are associated with an euchromatic pattern with elevated 

levels of histone H3 lysine 4 trimethylation (H3K4me3), as well as deposition of 

H4K20me1 and H3K79me2, promoting initiation and/or elongation of transcription 

[16], [17]. R-loops epigenetic action has also been reported to promote gene activation 

and transcription. Studies showed that the presence of R-loops in promoter regions can 

protect genes form the action of the de novo DNA methyltransferase 3B1 

(DNMT3B1), ensuring gene activation. This suggests a model where the presence of 

R-loops prevents the access of DNMT3B1 promoting local hypomethylation and 

subsequent activation of transcription [16]. The regulation of mRNA transcription 

activation through R-loops has been demonstrated to depend on non-coding RNAs 

(ncRNAs) [1]. In human colon adenocarcinoma cell lines, an antisense RNA was 

shown to generate a R-loop at the CpG island containing promoter of the human 

vimentin gene (VIM), enhancing chromatin opening and binding of the transcription 

factor p65, core component of the NF-κB complex [49]. A recent study conducted in 

mouse embryonic stem cells (ESCs) demonstrated that R-loops located at specific gene 

promoters can recruit the transcriptional activating acetyltransferase, Tip60-p400, 

while concomitantly impeding the binding of the Polycomb Repressive Complex 2 

(PRC2), that is typically involved in ESC differentiation, thus strongly regulating gene 

regulation and cell fate. Accordingly, overexpression of RNase H1, a RNase able to 

specifically, degrade the RNA component of a R-loop without affecting the DNA 

strands, reduces the presence of TIP60 and p400 at their target genes, promoting the 

recruitment of PRC2. Remarkably, another study in mouse ESCs found that R-loops 

recruit PRC1 and PRC2 towards a specific subset of PRC-repressed target genes, 

promoting the imposition of repressive chromatin marks, such as  histone H2A Lysine 
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119 ubiquitination (H2AK119ub) and histone H3 Lysine 27 tri-methylation 

(H3K27me3), respectively. Removing R-loops led to the activation of PRC target 

genes that contain R-loops [50]. Thus, R-loops can act as epigenetic regulators that 

modulate gene expression in a context dependent manner, supporting an important role 

of R-loops in the control of gene expression. However, R-loops not only regulate gene 

expression by such mechanisms, but can directly regulated gene transcription and 

promoter activity. R-loops have been abundantly mapped at promoters of RNA polII 

transcribed gene regions in human [33], [34], [51]–[53]. Concomitantly, it was found 

that R-loops activates transcription of antisense lncRNAs associated to many protein-

coding genes and enhancers genome-wide. In line with this, an overexpression of 

RNase H1 showed a reduction of R-loop structures at promotor regions leading to a 

decrease of antisense lncRNAs transcripts [54], [55]. The opposite role of R-loop in 

modulating epigenetic (allowing both activating or repressing signatures) indicates that 

R-loops at promoters have double role in activating or inactivating the transcription 

[17], [33], [34]. R-loops can be an obstacle during transcription elongation, causing 

collision with the progression of RNA Pol [56], [57]. RNA Pol II pauses or partially 

blocks transcriptional elongation in the presence of RNA:DNA hybrids located in a 

unit of transcription [58]. This phenomenon occurs prevalently near promoters, 

causing gene silencing [59]. Thus suggests that impaired formation of R-loops during 

transcription leads to RNA Pol pausing or backtracking, affecting gene expressions. 

 

1.2.2. Termination  

Genome-wide analysis showed an enrichment of R-loops at G-rich RNA Pol II 

termination sites [17]. In a normal context, termination of transcription is linked with 

the cleavage of nascent mRNAs at polyadenylation poly(A) sites. Potential G-

quadruplex-forming sequences downstream of the poly(A) site  can lead to 

transcription termination via R-loop formation, an effect that is reverted by 

overexpression of RNase H [60], [61]. This suggests that R-loops are implicated in 

transcription termination in natural context. Stalling of RNA Pol II at termination site 

can promote the pairing of the nascent RNA with its DNA template forming R-loops. 

It was found that DNA-RNA helicases such as Senataxin and DHX9 are able to resolve 

R-loop structures formed in termination sites in order to properly terminate 

transcription [60], [62], [63], thus confirming a central role of R-loop in proper 

transcription termination. 
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1.3 R-loop and genomic instability 
 

1.3.1. Genomic instability driven by R-loop  

The presence of persistent, unscheduled R-loops represent a risk for genome instability 

[30], [64], [65]. R-loops have been reported as I) hotspots for mutations driven by 

reactive oxygen species, nucleases, and other agents that target the displaced single-

stranded DNA loop, II) impeding replication fork progression, III) causes of 

transcription-replication conflicts, leading to replication fork stalling or collapse, known 

as replication stress or IV) interfering with DNA repair by physically blocking the access 

of repair enzymes to DNA lesions [64], [66].  

 

1.3.1.1 Hypermutation in ssDNA  

The R-loop ssDNA filament was shown to be more prone to mutations due to its 

increased sensitivity to the action of DNA-damaging agents, but also the action of the 

activation-induced deaminase (AID) [67]. This process is exemplified by R-loops formed 

at immunoglobulin S regions where AID was reported to be essential for immunoglobulin 

Class Switch Recombination and hypermutation in somatic cells [68], [69]. 

Mechanistically, AID converts dC into dU residues in the ssDNA filament that 

subsequently triggers the initiation of base excision repair pathway through activation of 

uracil DNA glycosylase enzyme [70]. This enzyme excises the uracil base to create an 

abasic site and apurinic/apyrimidinic endonucleases remove the abasic site to create a 

single strand break (SSB) that will be then repaired by the Poly ADP-ribose polymerase 

1 (PARP1) [71]–[73]. Other types of ssDNA modifications, such as oxidation by 

oxidative stress (8-oxoguanine) or methylation from the methyl-donor S-

Adenosylmethionine (SAM) can as well affect R-loop structures, leading to DSB and 

genomic instability if exacerbated [74].  

 

1.3.1.2 Transcription-replication conflict  

The co-temporal activity of two cellular machineries at the same genomic region may 

cause an encounter, threatening genomic stability. Collision of the replication fork and 

the transcription machinery causes transcription-replication collision (TRC), leading to 

replication stress[57]. If the progression of the two complexes occur simultaneously and 

co-directionally, this might lead to a “mild” collision, causing RNA pol displacement 
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without significant impact on the DNA [75]. By contract, if moving in convergent 

directions,  the RNA pol and the replication complex can undergo head-on collision, 

which induce pausing and blockage of the replication fork, that can lead to fork collapse 

and DNA breaks [64],[76]. 

Exacerbated transcription or unproper resolution of transcription-associated R-loop can 

dramatically increase transcription-replication conflict (TRC) by physically impeding 

fork progression, causing replication fork stalling and damage, best for R-loop hotspots 

such as telomeres, rDNA regions, and CpG islands, leading to excessive DNA damage 

and genomic instability [1], [77]–[81].  

Noticeable, TCR, along with DNA lesions or secondary DNA structures such as G-

quadruplex, hairpins or R-loop per se, can lead to replication stress [7], [9], [64], [82]–

[85]. Mutations in R-loop resolving factors, such as Topoisomerases or helicases, lead to 

the accumulation of R-loop mediated DNA breaks, chromosome fragility, also 

replication fork stalling and TRC [66], [86]–[88]. In support of this vision, 

overexpression of RNase H1 reduces DNA damage, ameliorating the stress condition [6], 

[89].  

 

1.3.2. R-Loops and DNA damage signalling  

 

1.3.2.1 ATR and ATM pathway  

To protect genome integrity, cells have evolved DNA damage signalling pathways that 

activates DNA damage response (DDR), used also for resolving replication stress. 

The major regulators of the DDR are the ataxia telangiectasia and Rad3-related (ATR) 

and ataxia telangiectasia mutated (ATM) serine/threonine protein kinases that orchestrate 

the response to classing double-stranded DNA breaks responses as well as replication 

stress damage [90], [91]. Studies in vitro and in vivo suggest that ATR and ATM 

activation have distinct outcomes in DNA damage responses. ATM is largely activated 

by DSBs, in contrast, ATR signals a variety of DNA breaks and replication stress 

conditions [92].  

Upon DSBs (also caused by prolonged R-loop mediated replication stress), ATM 

recruited by the MRE11-RAD50-NBS1 (MRN) complex, phosphorylates histone variant 

gamma (γ) H2AX at serine 139 and the effector kinase Chk2, leading to cell cycle arrest 

and DNA repair [87], [93], [94]. 
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Along with sensing and resolving DNA breaks and replication stress, ATR kinase 

physiologically senses and suppresses R-loop [31], [95]. The R-loop displaced ssDNA is 

bound by the ssDNA binding by RPA that, upon self-phosphorylation, leading to the 

recruitment of ATRIP (ATR-interacting protein) and ATR kinase. ATRIP-ATR 

recruitment leads to activation of ATR by in trans phosphorylation of Threonine 1989, 

allowing the recruitment of the heterotrimeric ring-shaped 9-1-1 complex (RAD9-

RAD1-HUS1) and TopBP1[96].  Complex formed activates downstream signalling, such 

as phosphorylation of Chk1, triggering cell cycle arrest for DNA repair and recruitment 

of R-loop resolution machineries [90]. In line with this model, inhibition of ATR prevents 

the recruitment of the RNA helicase DDX19 and Senataxin to R-loops, impairing their 

resolution  [97], [98]. 

The same pathway is active upon replication fork stalling or DNA breaks [92]. 

Mechanistically, stalled replication fork at R-loops sites (as well as transcription-

replication head-on collision) results in fork reversal, that in turn recruits the MUS81 

structure-specific endonuclease that specifically cleaves stalled or collapsed replication 

forks to solve such structures. The resulting DNA cleavage thus promotes ATR 

activation, G2/M checkpoint arrest and subsequent fork repair via homologous 

recombination (HR) pathway [87], [99]–[102]. Remarkably, R-loops and ATR were 

shown physiologically at centromeres of metaphase centromeres, mediating Aurora 

kinase B-mediated phosphorylation of histone H3 Serine 10 (H3S10P) to promote 

chromatin condensation and ensure faithful chromosome. [45], [103]. 

R-loop driven DNA damage that cannot be repaired in a correct manner ultimately leads 

to the accumulation of mutations and genome instability [104]. Accordingly R-loops 

have been linked to functional alteration in oncogenes (such as H-RAS Val-12 mutations) 

or tumour suppressor genes (e.g. BRCA1/2 mutations) [105]–[107]. 

 

1.3.2.2. Repair mechanisms linked to RNA:DNA hybrids  

The final outcome of ATR/ATM signaling process is the activation of the DNA damage 

repair (DDR), that can be achieved through different mechanisms. The two major 

pathways involved are non-homologous end joining (NHEJ) and homologous 

recombination (HR) repair Activation of NHEJ  results in a quick and error-prone rejoint 

of DNA ends without need for sequence similarity. By contrast, HR requires a sequence 

homologous to the one of the DNA break to be activate, but results in an error free repair 

[92] [108]. To achieve homologous sequence recognition, RAD51 protein recognises 



13 
 

DNA filaments and promotes strand exchange at DSB sites, forming nucleoprotein 

filaments during HR. Interestingly, the helicase Senataxin promotes RAD51 foci 

accumulation at DSB sites, regulating γ-H2AX signalling to promote DNA repair 

resolving R-loop. This allows to reduce abnormal re-joining of DNA breaks suggesting 

that a correct R-loop removal is necessary to minimize translocations, preserve genome 

integrity and cells survival following of DSB creation in active genes [109].  

Alternatively, the Break induced recombination (BIR) pathway can take place to repair 

damaged DNA. Upon DSB, a RAD52 dependent DNA strand invasion takes place 

forming a D-loop, followed by initiation of DNA leading strand synthesis by DNA pol 

containing POL3D subunit. This will result in migrating replicating bubble and 

asynchronous synthesis of the lagging strand, resulting in DNA repair. Of note, RAD51 

dependency in this process is still controversial [110]–[112]. 

DSB can also arise from R-loop removal through the transcription-coupled nucleotide 

excision repair (TC-NER) machinery [113]. It was reported that the Xeroderma 

pigmentosum group F and G (XPF and XPG) endonucleases are able to excise DNA non-

template strand in the R-loops that block transcription machinery, forming a ssDNA 

lesions that can be transformed into DSBs after replication, that will be then repaired in 

a RAD52 dependent manner [113]–[115]. 

Curiously, DNA:RNA hybrids based DNA repair mechanism has been recently identified 

[101], [116], [117]. Upon DNA damage, DSB sites are transcribed by RNP II producing 

dilncRNAs (damage-induced long non-coding RNAs). RNAs produced at DNA damage 

sites were reported to engage in RNA:DNA hybrids formation, promoting DNA damage 

signalling [118]–[120]. DilincRNAs can also form dsRNA structures and then be 

processed by the Dicer pathway, generating diRNAs (DSB-induced small RNAs) [121]. 

diRNAs form a complex with Argonaute 2 and, by recruiting RAD51, promotes its 

localization to DSBs sites, possibly through diRNA hybridization with DNA [122]. 

 

1.3.2.3 When repairing is not worthy: the ALT phenotype 

Immortality of cancer cells require the preservation telomeres at chromosome ends to 

avoid replicative senescence. In the absence of specialized mechanisms for telomere 

maintenance, linear chromosomes gradually shorten with each round of DNA replication, 

causing the so called end replication problem [123]. This leads to a progressive telomere 

shortening, ultimately leading to cellular senescence or apoptosis [124]. 85% of tumors 

maintain telomere length by upregulating telomerase, an enzyme that adds (TTAGGG)n 
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repeats to telomeric ends, thus enabling indefinite cell proliferation and tumour 

progression [125]. However, approximately 15% of cancers, including osteosarcoma, 

glioma and PanNet cancer, achieve immortality in the absence of telomerase expression 

through an alternative mechanism known as the Alternative Lengthening of Telomeres 

(ALT) [126], [127]. 

ALT involves a distinct type of homology-dependent recombination (HDR) [126] that 

resembles break-induced replication (BIR), first observed in yeast [128]. ALT entails the 

invasion of one telomere filament (the recipient) into another (the donor) to achieve 

elongation. The donor or template DNA strand can be comprised of the sister-telomere, 

another telomere, or extrachromosomal telomeric DNA, and acts as the source to be 

replicated [129]. 

In the context of ALT, R-loops to have a central role in this process. Transcripts originated 

from RNA pol II driven transcription of the telomeric C-rich strand gives rise to the 

telomeric repeat containing RNA TERRA that is prone to engage in R-loop formation  . 

Resulting replication stress and double-strand break (DSB) formation, turn stimulates 

homology-directed repair (HDR) between telomeres, thus directly causing the ALT 

phenotype[83], [84], [133]. 

A RAD52-dependent mechanisms facilitates strand invasion , leading to telomere 

extension through DNA synthesis mediated by PCNA-RFC-Pol δ [134]. Another 

pathway involves RAD51 in this process[135], [136].  
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1.4 R-loop regulators 
Given the importance of RNA:DNA hybrids in maintaining genome stability and 

ensuring gene regulation, a notable number of proteins were found to control R-loop 

formation and resolution (Figure 2) [1], [8], [30], [35], [77], [137].  

 

1.4.1 RNase H protein family 

RNaseH family proteins are ribonucleases composed of a N terminal RNA:DNA hybrid 

binding domain (named HBD) and a C terminal RNaseH resolves R-loops by degrading 

the RNA component of this structure [138]. While RNaseH1 is a monomeric protein, 

RNaseH2 in a heterotrimeric protein containing the RNaseH2A catalytic subunit, and 

two additional subunits (RNaseH2B and RNaseH2C), required for biological functions 

[139].Although RNase H proteins are highly evolutionally conserved and show high 

grade homology from yeast to human, different roles and mechanisms of action have 

been identified for the two proteins. RNases H1 requires a substrate with at least four 

ribonucleotides to be processed and has been found to be implicated in removing RNA 

primers in genomic as well as mitochondrial DNA [138], [140]. By contrast, RNaseH2 

removes the RNA moiety of Okazaki fragments during DNA lagging strand replication 

and elimination of single ribonucleotide mis-incorporated during DNA synthesis [141].  

Figure 2. R-loop resolving factors 

R-loops can be counteracted through distinct mechanisms. RNase H enzymes that degrade the RNA 

component of the hybrid structure, by contrast helicases unwind the R-loops during transcription 

termination. Alternatively, Topoisomerases resolves negative supercoiling to prevent R-loop formation. 

RNA-binding proteins (RBP) also play a role in preventing R-loop formation, as well as proteins of the 

Fanconi Anemia (FA) pathways. Image generated using BioRender. 

 



16 
 

R-Loops were shown to recruit RNases H1 through the action of the Replication protein 

A (RPA) complex. RPA works as a sensor of ssDNA, present at DNA damage but also in 

DNA:RNA hybrids. After binds to the ssDNA filament, the RPA32 subunit gets 

phosphorylated at serine 33 (RPA32ser33P), activating both DNA damage response and 

the local accumulation of RNaseH1 at RNA:DNA hybrids in vitro [92], [142]. Mutations 

in RPA32 binding domain of RNase H1 compromise the efficient removal of RNA:DNA 

hybrids, leading to an accumulation of R-loops and genomic instability. Thus, the 

interaction of RPA32 and RNase H1 is necessary to prevent R-loop formation, thus 

suppressing genomic instability [143].  

 

1.4.2 Helicases 

In addition to RNase H protein family, proteins with unwinding activity play a crucial 

role in controlling R-loop levels [144]. 

This is the case of RNA helicases, that resolve RNA:DNA hybrids by physically 

displacing the RNA component from the R-loop, thus allowing DNA filaments re-

annealing [60]. RNA helicase Senataxin (SETX), mutated in amyotrophic lateral 

sclerosis 4 (ALS4) patients, and its S. cerevisiae counterpart Sen1 are implied in R-loop 

dependent genome stability and R-loop resolution. S. cerevisiae Sen1 helicase-inactive 

mutants (sen1-1) causes accumulation of R-loop and transcription-associated 

recombination [145]; this phenotype was also recapitulated in Setx−/− mice [146]. The 

DXH9 RNA helicase, as well as the historical Bloom’s syndrome helicase (BLM) [147] 

and Werner syndrome (WRN) helicases [148], have been found to interact with R-loop, 

suppressing them and preventing R-loop-associated DNA damage.   

Curiously, another member of the DEAD-box RNA helicase, DDX1, has been found to 

be able to resolve G-quadruplex structures in RNA molecule, promoting (instead of 

resolving) hybridization of RNA to DNA strand within R-loop structures to help Class 

Switch Recombination [149], pointing out the complex and finely tuned regulation of 

RNA:DNA hybrids. Only few examples were reported, but an increasing number of 

helicases are being involved in R-loop management and extensively reviewed [150], 

[151]. 
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1.4.3 Topoisomerases 

Topoisomerases, that control DNA topology during replication, transcription and 

recombination, have been demonstrated to prevent R-loop formation [152]–[154].  

The evolutionary conserved Topoisomerase I (TOP1) is involved R-loop management by 

resolving transcription-associated negative supercoiling, thus preventing pairing of the 

nascent RNA with the DNA template (i.e. R-loop formation) [153], [155]–[157]. In line 

with this, loss of TOP1 in yeast and human causes negative DNA supercoiling 

accumulation ahead of the processing RNA Pol II, facilitating RNA:DNA formation 

[153], [158]–[160].  

Along with TOP1, TOP2 was shown to be involved in R-loop management [160], being 

able to resolves the negative torsional stress at transcription site and playing important 

roles in DNA replication, recombination and chromatids segregation by generating DSBs 

[161], [162]. As many drugs are available for its inhibition and subsequent enzyme-

mediated DNA damage, this protein in particular results of great interest for cancer 

chemotherapy [163]–[165]. 

As one may expect, DNA Topoisomerase III beta (TOP 3B) too is also able to resolve 

negative supercoiling that forms during Pol II elongation reducing R-loop formation 

[166]. 

 

1.4.4 Fanconi Anemia  

The Fanconi Anemia (FA) protein family are involved in interstrand crosslink resolution, 

replication fork stability, and DDR activation [167]–[169]. Besides these canonical 

functions, a part of FA family proteins were seen involved in R-loop management and 

maintenance of genomic stability [170]–[172]. The central tumorsuppressor BRCA1 

(FANCS) has been found to bind to R-loops at transcription termination sites and recruits 

Senataxin, resolving these atypical nucleic acid structures [173]. Loss of BRCA1 leads 

to increased R-loops formation and subsequent DNA damage, reflected by γ-H2AX 

accumulation and ssDNA breaks at these sites [173].  BRCA2 (FANCD1) too has been 

found regulating R-loops, by binding the branched structure of R-loops, facilitating the 

recruitment of RNase H1 and SETX, thus protecting the cell from replicative stress and 

genomic instability [174]. Its depletion causes cause R-loop accumulation and DDR  

[175]. FANCI, FANCD2, [176] and FANCA [175] (signalling members of the pathway) 

had been shown to be involved in such a process, as their depletion causes a dramatic 

increase in R-loop levels and subsequent DNA breaks in various cell models cells [177], 
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[178]. In particular, the monoubiquitinated FANCI/D2 complex binds to R-loops, 

representing an important step in R-loops response [176]. 

FANCM by contrast has been directly found involved in RNA:DNA hybrid unwinding 

through its ATPase/translocase activity, thus controlling ALT activity of telomerase 

negative cells [179] FANCR (RAD51) has been recently identified as a R-loop promoter 

though its ability to bind to ssDNA as well as RNAs species such as telomere repeat 

containing RNA (TERRA) [180] to mediate R-loop formation in trans and to initiate 

recombination events downstream of R-loop mediated DNA damage. Detailed 

information on function of FA proteins in R-loop metabolism has been reviewed by [167], 

[172], [175], [181].   

 

1.4.5 RNA binding proteins 

RNA metabolism has been found to be a crucial modulator of R-loop. The yeast and 

vertebrate THO/TREX complex was the first player to be identified in such a context 

[182]–[184]. It is formed by the four nuclear proteins Hrp1, Tho2, Mft1 and Thp2, and 

the three proteins of the TREX complex (Tex1 and the mRNA export factors Sub2 and 

Yra1):  loss of the THO/TREX complex function leads to hyper-recombination effects 

due to accumulation of R-loop that obstacle RNA Pol II elongation, in addition to defects 

in transcriptional elongation, mRNA export and recombination [88], [183], [185], [186].  

Moreover, it was demonstrated that depletion of the splicing factors ASF1 (also known 

as ASF/SF2) leads to R-loop formation and subsequent DNA rearrangements mediated 

by double-strand breaks (DSBs) and genome instability in chicken DT40 cells and human 

HeLa cells. Indeed, it interacts with the phosphorylated CTD of Pol II to promote RNA 

splicing but also to prevent R-loop formation and subsequent genomic instability [23], 

[187].  
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1.5 Novel R-loop suppressor 
 

1.5.1 Chromatin remodelers / histone chaperon 

R-loops cannot be arranged in a nucleosome template and are characterized by increased 

DNA accessibility of the local chromatin template [188] [34].  

To counteract R-loop mediated chromatin aberrations, the cell evolved many chromatin 

remodelers, such as the SWI/SNF complex, the FACT complex, the INO80 complex, and 

the SIN3 deacetylase, actively playing a role in R-loop managements and resolution 

[189]–[193]. These findings postulate chaperon activity containing proteins as strong R-

loop suppressors by maintaining a correct chromatin template with normal nucleosome 

phasing. A novel actor in this scenario is the Death Domain-Associated Protein (DAXX), 

a multifunctional protein that plays a crucial role in various cellular processes, including 

transcriptional regulation, apoptosis, and DNA damage response [194]. In recent studies, 

DAXX has been identified as a specialized histone chaperone that specifically interacts 

with histone variant H3.3, acting as a DNA replication independent histone chaperon 

[195]–[198]. DAXX forms a complex with the ATP-dependent helicase and SWI/SNF 

family chromatin remodeler ATRX (Alpha Thalassemia/Mental Retardation Syndrome 

X-Linked) that supports the deposition of the H3.3 histone variant containing 

nucleosomes at specific genomic loci, characterized by constitutive heterochromatic 

structure, including telomeres and pericentromeric regions, in G1/G2 phases of the cell 

cycle [195], [197]–[202]. This process is crucial for maintaining chromatin structure and 

function. In terms of functionality, ATRX is responsible for directing DAXX-dependent 

deposition of H3.3 at chromatin regions enriched with H3K9me3 through a conserved 

ATRX–DNMT3–DNMT3L (ADD) domain that directly binds such modifications [195], 

[203], [204]. Importantly, loss of ATRX was associated with a significant increase in R-

loops, anticipating its role in suppressing such structures, with particular relevance for 

repetitive sequences [200]. Interestingly, ATRX has also been found to bind and suppress 

G4 structures, known to form R-loop, particularly at telomeres [205], [206]. Loss of 

DAXX/ATRX has been linked with the collapse of replication fork, mediating DSBs and 

downstream HR at telomeres and other target sites [200]. Accordingly, ATRX, and less 

frequently DAXX, mutations strongly associate with ALT phenotype cancers, most 

frequently observed in PanNET, liposarcomas, adult gliomas, and osteosarcomas [207]–

[211], as well as in 90 % of ALT+ cancer cell lines [212]. Strikingly, re-introduction of 

WT ATRX in ATRXmut ALT+ cells was able to revert the ATL phenotype [213]. 
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Concordantly, expression of WT DAXX in cell expressing a mutated form resulted in 

suppression of the ALT phenotype [214], underling the interplay between ATRX and 

DAXX is crucial for maintaining telomere stability, preventing abnormal R-loop 

structures.  

 

1.5.2 DBHS proteins  

SFPQ is an RNA binding protein originally identified as splicing regulator [215] that 

together with NONO, (Non-POU domain-containing octamer-binding protein), and 

PSPC1, (Paraspeckle Protein Component 1) belongs to the family of the Drosophila-

Behaviour Human Splicing family (DBHS) [216]. In human cells SFPQ plays a crucial 

role in RNA metabolism by regulating splicing and RNA transport. Interestingly, SFPQ 

has also been shown to support DNA damage repair[217]. Specifically, SFPQ has the 

ability to directly bind to DNA double-strand breaks (DSBs) and interacts with RAD51D, 

a key player in maintaining genomic stability by stimulating homologous recombination-

mediated repair [218], [219]. As a consequence, a deficiency of SFPQ results in defects 

in sister chromatid cohesion, chromosome instability, and heightened sensitivity to DNA-

damaging agents [219].  

SFPQ and other DBHS family proteins act as homo or heterodimers. Structural analysis 

show that SFPQ’s NOPS, RRMs and coiled coil domains are involved in the formation 

of heterodimers with NONO [220] as well as homodimers [221]. In fact, it has been 

reported that SFPQ/NONO heterodimeric complex plays a crucial role in many cellular 

processes such as transcriptional regulation and mRNA processing [222], [223]. 

SFPQ, together with other DBHS members aggregate to subnuclear, membrane-less 

compartments also known as Paraspeckles. Paraspeckles have been shown to contribute 

to various cellular functions, including cellular stress responses but also the regulation of 

gene expression [219], [224], [225]. SFPQ/NONO can recruiting the exonuclease XRN2, 

facilitating the processing of pre-mRNA at the 3'-end and aiding in transcription 

termination [226]. It has also been observed that the complex localizes to paraspeckles 

and interacts with other proteins to regulate RNA processing and nuclear retention of 

specific transcripts [222]. SFPQ and NONO act as transcription regulators and are 

involved in both repression and activation of gene expression, specifically, SFPQ/NONO 

can form a bridge between Pol II transcription machinery and other splicing or 

polyadenylation factors [223]. Concerning the formation of R-loops, it has been 

demonstrated that in H1299 cells NONO and SFPQ locate at telomeres and have a 
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common role in suppressing RNA:DNA hybrids and replication defects at telomeres 

blocking recombination [227]. Since SFPQ and NONO lack direct enzymatic activity, it 

has been postulated that their role is to facilitate the recruitment of specific factors. This 

recruitment aims to trigger a response against telomere fragility and to suppress the 

formation of TERRA:DNA hybrids. 

 

1.6 SFPQ Structure  
 

All DBHS family proteins share a common structure defined as DBHS core, which 

consists of two RNA Recognition Motifs (RRM1 and RRM2), the DBHS protein family 

unique sequence NOPS, and a coiled coil domain responsible for polymerization. 

Besides these conserved domain, SFPQ possess other extremely important ones, 

schematically reported in Figure 3. 

 

 

1.6.1 RGG domain  

The 27 amino acids SFPQ RGG domain contains a high percentage of arginine and 

glycine. RGG domains are considered intrinsically disordered, are enriched in RNA-

binding proteins and influence RNA substrate specificity [228]. RGG domains are also 

target sites for arginine methylation, generating novel binding site for other proteins 

[229]. Notably, RRG domain was demonstrated to be important for 3’ end cleavage of 

mRNA, identifying SFPQ as pre-m-RNA processing factor [230].  

 

Figure 3. Representation of SFPQ domains 

SFPQ N-terminus contains the RGG(arginine/glycine rich), P/Q (proline/glutamine rich) and the P 

(proline rich) domains. PRL domain separates the P domain from RRM1. The DBHS core consists of 

the RNA binding motifs RRM1 and RRM2, the NONA/Paraspeckles (NOPS) domain and the 

oligomerization coiled-coil domain. At the C-terminal region there are two nuclear localization 

sequences. Picture taken from Yarosh et. al., 2015 [214]. 

https://www.researchgate.net/profile/Christopher-Yarosh?_tp=eyJjb250ZXh0Ijp7ImZpcnN0UGFnZSI6Il9kaXJlY3QiLCJwYWdlIjoicHVibGljYXRpb24iLCJwcmV2aW91c1BhZ2UiOiJfZGlyZWN0In19
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1.6.2 Proline rich domains (P/Q and P domains)  

The P/Q domain is a 47 amino acids containing more than 40 proline or glutamine 

residues. The 150 amino acids P domain consist of 66% proline residues. Proline rich 

domains have been associated with a protein binding function, interacting with  strong 

binding but with low specificity [231]. 

The P domain of SFPQ has been reported to be directly involved in protein binding, as is 

the case of Rad51 [218]. Rad51 is involved in homologous recombination, and it 

promotes the invasion of the homologous template [232]. However, it has been reported 

that high levels of Rad51 are actually inhibited by SFPQ, preventing deleterious 

recombination events, thus showing SFPQ dual role in regulating Rad51 activity and 

subsequent DNA damage [218], [219]. Moreover, the P domain appears to be important 

for localization of SFPQ to sites of DNA damage. Together SFPQ modulates DRR, non-

homologous end joining (NHEJ), homologous recombination, sister chromatid cohesion, 

and telomere stability [219], [227], [233].  

Finally, the SFPQ N-terminus was reported to provide liquid-liquid phase separation 

(LLPS). It was shown that SFPQ can undergo LLPS at DNA damage sites together with 

FUS, a RNA binding protein involved in RNA splicing and export, allowing the 

accumulation of factors related to DNA damage response directly at DNA damage sites 

[234]. It is interesting to note that the FUS N-terminus, crucial for LLPS, has an RGG 

and a proline-rich domain like SFPQ, pointing out the possible functional analogy 

between the two proteins.  

 

 

1.6.3 RNA Recognition Motifs  

RNA Recognition Motifs (RRM) are widespread domains present in RNA-binding 

proteins. SFPQ contains two consecutive RRMs, separated by a linker. The 70-90 amino 

acids RRMs domains are folded into two α-helixes that are separated by four antiparallel 

β-sheets [235]. The canonical protein-RNA-binding relies on aromatic residues that stack 

together on one β-sheets to favour the interaction with nucleotides. SFPQ RRM1 contains 

aromatic residues in a proper position to allow canonical RNA binding, while the RRM2 

does not display a canonical positioning of aromatic residues [236]. Despite its non-

canonical binding, RRM2 activity appears to be more relevant for RNA-binding than 

RRM1[237]. In particular, SFPQ RRMs have been demonstrated to bind NEAT1, a 

lncRNA that characterizes paraspeckles subnuclear bodies, forming a scaffold for the 

binding of SFPQ and other DBHS proteins (namely, NONO and PSPC1). The actual 
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function of paraspeckles is yet to be fully understood, however there is increase evidence 

for their role in gene regulation and protein retention upon stress response [222], [225], 

[238]. SFPQ has been demonstrated to repress Interleukin 8 (IL8) transcription by 

physically binding to its promoter. However, upon stress induction (e.g. viral infection), 

NEAT1 overexpression causes the concentration of SFPQ in paraspeckles formation. 

Lack of SFPQ at the IL8 promoter results in gene activation and inflammatory response. 

Notably, SFPQ version lacking  RRM1 or  RMM2 maintain IL8 suppression [239]. SFPQ 

RRM domain have been also identified as crucial in mediating an anti-apoptotic 

alternative splicing of caspase 9 mRNA [227].  

 

1.6.4 NOPS and Coiled-coil Domain  

The NONA/Paraspeckles (NOPS) domain is unique for all three members of the DBHS 

family and is essential for homo and heterodimerization by binding to the RRM2 domain 

of another DBHS family member [240]. A recent study has revealed that SFPQ prefers 

to heterodimerize rather than binding to another SFPQ monomer [241]. However, DBHS 

proteins have a differential expression in human tissues, eventually influencing complex 

formation. 

The Coiled-Coil Domain is shared between all the proteins of the family as well, and in 

contrast to the NOPS domain allows protein homo or hetero polymerization [236] and 

positioning into paraspeckles [242]. Thus, this domain is important for higher level 

structural organization targeting to paraspeckle.  

  

1.6.5 C-terminal domain  

The C-terminal domain contains two nuclear localization sequences and represents a 

flexible region due to the enrichment of glycine residues. Moreover, the C-terminus can 

be a site for post translational modifications (PTMs), such as phosphorylation, that 

influence SFPQ binding to other proteins [243]. 
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1.7 R-loop at repetitive regions 

 
The human genome contains up to 75% of repetitive DNA elements, predominantly 

represented by transposable elements, (peri)centromeric repeats, telomere repeats and 

rDNA arrays[244], [245]. The majority of these elements have the capacity to undergo 

transcription, anticipating a role for R-loop regulation in controlling genome stability, 

transcription and chromatin status at such regions. This is supported by increasing 

evidence that involve R-loops in human diseases characterized by genetic or epigenetic 

alterations in repetitive DNA elements [246]  

DNA repeats can be divided in two major groups. Variable Number of Tandem Repeats 

(VNTRs) that contain microsatellite (1-10bp) and minisatellite (10-100bp) repeats and 

Small-Scale Repetitive Elements (SSREs) ranging from 0,1 – 8kb. Hallmark examples 

for VNTRs are SatI, SatII and SatII satellite DNAs, ranging from 5bp (unit length of 

SatIII repeats) to 25  bp (unit length of SatI repeats), pericentromeric β-satellite (68-69 

bp) and telomere (6 bp) repeats, but also disease related tri-nucleotide repeat expansions 

[246], [247]. The group of SSREs DNA comprise centromeric α-satellite (171bp) repeats, 

γ-satellite (220 bp) repeats, transposons (ranging from 100 to 10.000 bp in length, 

composing 2,8% of human genome), LTR retroelements (0.2-3 kb unit length) that 

compose the 8,3% of the human genome, and non-LTR retroelements such as LINEs (6–

8 kb unit length) and SINEs (0.1–0.4 kb unit length) elements that together make up 

approximately 34% of the human genome[248], [249]. The indicated types of satellite 

repeats build eukaryotic centromeres and pericentromeres , but can also be located at 

subtelomeric sites and at interstitial regions[250], [251]. In addition, the human genome 

contains 200-600 copies of ribosomal DNA (rDNA, 43kb unit length) and 500 

interspersed tRNA genes [246], [247].  

Pioneering RNA:DNA hybrid mapping experiments in yeast using ChIP-seq or DRIP 

followed by hybridization to tiling microarrays provided first evidence for R-loop 

formation at tandem or dispersed repetitive elements, including tRNA genes, 

retrotransposons and telomere repeats [252], [253]. Genome-wide DRIP-seq combined 

with detection of nascent transcripts by Global Run-On sequencing (GRO-seq) allowed 

to investigate transcriptional activity and R-loop formation at repetitive elements in 

different model systems [38]. In U-2 OS cells, R-loops were found enriched at telomeres 

and centromeres, as well as at simple/low complexity repeats, and slightly enriched at 

satellite repeats and rDNA. Notably, no enrichment was detected at retroelements. 
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In contrast, studies using A. thaliana showed high R-loops enriched at all types of 

transposable elements, with moderate enrichment at centromeres and simple/low 

complexity repeats. Curiously, both in human cells and A. thaliana, a great overlap 

between R-loops and nascent transcript (ranging from 60% to 70%) was found, indicating 

R-loop generation in cis [38]. 

Moreover, data from D. melanogaster revealed that R-loop pattern varies during 

differentiation. In Drosophila embryos, transposable elements and satellite repeats where 

enriched for R-loop compared to Schneider 2 (S2) cells [38]. In contrast, S2 cells 

presented R-loop accumulation at simple/low complexity repeats. In line with this, 

preventing R-loop degradation by overexpression of  catalytically death RNase H1 

resulted in hatching defects in Drosophila embryos [254].  

These results strongly indicate that R-loop expression at repeat regions depend on 

genome sequence features but also on species, developmental status and biological 

context, such as the cancer setting in U-2 OS cells [38].  

 

1.7.1 R loop at (peri)centromeres 

Human (peri)centromeric regions are characterized by many satellite repeats distributed 

in different tandem repeats. 

All human centromeric regions are enriched in repetitive sequences named α-satellites, 

where the CENP-A nucleosomes resides. These A-T rich regions are organized in ahead-

to-tail tandem repeat pattern of 171 bp monomer unit [255] giving rise to higher order 

repeat (HOR) unit [256]. Each HOR is repeated hundreds-to-thousands of times, 

producing 2-5 Mb-long arrays with chromosome specific characteristics, varying in 

number and sequence of the α-satellites monomers as well as HOR size [256], [257]. 

The flanking pericentromere region is formed by β, γ, I, II, and III satellites tandem 

repeats (5-200bp) located on different chromosomes [258]–[266], also containing LINE, 

SINE and retroelements in a more relaxed arrangement  [267].  

During eukaryotic mitosis, Aurora kinase A (AURKA) promotes centrosome maturation 

and spindle assemble, while the Aurora kinase B (AURKB) and C (AURKC) regulate 

chromosome condensation, attachment to kinetochores and the correct alignment of 

metaphase chromosomes [268]. A key step during mitosis is Aurora B kinase mediated 

phosphorylation of histone H3 Serine 10 (H3S10P), facilitating chromosome 

condensation [269]–[271].  
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Human centromeres and pericentromeres were demonstrated to give rise to non-coding 

RNAs (ncRNAs) in an RNAPII dependent manner throughout the cell cycle, involved in 

regulating proper centromere structure and function[272]–[275].  

The high rate of transcription and repetitive nature identify (peri)centromeres as 

candidate hot-spots for R-loops. In line with this, human R-loop mapping revealed that 

up to 50% of (peri)centromeric sequences are enriched for R-loops [38].  Remarkably, 

forced resolution of R-loops by ectopic overexpression of RNase H1 leads to defects in 

centromere cohesion and chromosome segregation during mitosis [276].  

First in yeast and then in human, R-loop were found increased at centromeres of mitotic 

chromosomes, and their dysregulation lead to defects in kinetochore function and 

chromosome segregation [45].  

On the mechanistic level, R-loops were shown to stimulate the recruitment of AURKB 

to centromeric and pericentromeric sequences, facilitating the phosphorylation of H3S10, 

promoting chromatin condensation and mitotic fidelity. Accordingly, overexpressing 

RNase H1 reduces H3S10 phosphorylation, driving genome instability [45]. In human 

cancer cells, centromeric R-loops were linked to a function for ATR in maintaining 

mitotic fidelity. Centromeric R-loop were shown to recruit the ss-DNA binding RPA32 

in mitosis, activating ATR that in turn stimulates  AURKB via Chk1, preventing the 

formation of lagging chromosomes [103]. Moreover, an ATR−/− cell model presented 

reduced H3S10 phosphorylation, further demonstrating the requirement of ATR for full 

activation of AURKB at centromeres [103]. This regulatory pathway suggests that R-

loops play an integral part in mitotic control and must by subjected to tight regulation to 

avoid genome instability.  

 

1.7.2 Telomeres 

Telomeres are heterochromatic nucleoprotein structures located at the end of each 

chromosome that ensure genome stability by protecting these regions from end-to-end 

fusions and uncontrolled recombination events [277], [278]. Vertebrate telomeres are 

composed of 5’-TTAGGG-3’ microsatellite tandem repeats, flanked by upstream 

subtelomeric regions that contain different arrangements of heterogeneous sequence 

repetitions [279]. Telomeres are bound by the Shelterin protein complex that ensures 

telomere function and telomere length homeostasis [280], [281]. Even though they 

present constitutive heterochromatin that protect telomeres from un-licensed 

recombination, rearrangements and controls repeat length [282], [283], vertebrate 
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subtelomeric promoters drive the expression of a long, (UUAGGG)n telomere tandem 

repeat containing non-coding RNA (TERRA) [131], [132], [284]–[287]. Importantly, the 

G-rich content of TERRA transcripts promotes the formation of R-loops in cis or in trans 

at eukaryotic telomeres[133], [180], [288]–[290]. In line with this, genome wide mapping 

analysis based on DRIP-seq combined to GRO-seq revealed that telomeres are 

characterized by a remarkable high R-loop enrichment [38].  

R-loops at telomeres are kept under control by redundant pathways to reduce the risk for 

replication-transcription conflicts, DNA breaks and uncontrolled homologous 

recombination that may drive genomic instability [180], [291]. Remarkably, telomeric R-

loops were demonstrated to fuel recombinogenic substrates that engage in homologous 

homology-directed repair (HDR) to maintain telomere repeats[133], [180], [292]. 

Telomerase negative tumors are indeed characterized by elevated R-loop levels at 

telomeres to drive the BIR dependent, Alternative Lengthening of Telomeres (ALT) 

pathway, assuring telomere maintenance and replicative immortality[291], [293]–[296]. 

In this context, RAD51 has been demonstrated to specifically bind TERRA RNA, 

mediating its insertion into the double-stranded telomeric DNA, forming telomeric R-

loop [180], [297], [298] 

 

1.7.3 R-Loops at transposable elements   
Transposable elements (TEs) are present almost half of the human genome and , when 

activated, hold the ability to duplicate and insert in a new position within a genome [299]. 

Class I TEs, named retrotransposons, transpose by using a RNA intermediate, while class 

II TEs, called DNA transposons, move directly as DNA sequences [300]. Class I TE are 

mostly represented by  two major type of interspersed element, called LINE (Long 

Interspersed Nuclear Elements) and SINE (Short Interspersed Nuclear Elements) [301]. 

To ensure genomic stability, redundant mechanisms ensure the suppression of TE 

transposition, such as RNA interference (RNAi), the Piwi-interacting RNA (piRNA) 

pathway, and epigenetic silencing [302]–[304]. LINE and SINE activity support genetic 

diversity and drive evolution by generating novel mutations and genome rearrangements. 

However, upon defective TE suppression, drives transposition events that can cause DNA 

damage, mutations, and genomic instability, being ultimately involved in the formation 

of cancer and other diseases, such as Aicardi-Goutières syndrome (AGS) and 

Amyotrophic lateral sclerosis (ALS) [305]–[310]. On top of this, LINEs and SINEs can 
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be transcribed, give rise to lncRNAs that interfere with a wide range of cellular processes, 

including gene regulation and chromatin organization [311].  

Recently, transcriptional activation of TEs was found to coincide with R-loop enrichment 

in different organisms [38]. S. cerevisiae strains lacking RNH1 or Top1 showed increased 

R-loop levels at  TY1 retrotransposons, promoting transposition frequency [252]. In S. 

pombe, R-loop at retroelements were linked to chromatin regulation, recruiting the RNA-

induced transcriptional silencing (RITS) complex, leading to H3K9me3 deposition and 

constitutive heterochromatin formation [46], [312].  

To this end, direct functional evidence of R-loop at transposable elements in vertebrates 

is limited. However, various factors such as ATRX, DAXX, BRCA1 and FANCD2 were 

recently demonstrated to control the activity of transposable elements, providing a link 

to R-loops [201], [313]–[317]. Interestingly, recent works linked LINE activation, 

mutations in R-loop modulators (e.g. RNaseH2) and activation of the cGAS/STING 

pathway, further supporting the involvement of retroelements in maintaining genomic 

stability [318]–[326].  
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1.8 R-loops connect to innate immunity via the cGAS-STING pathway 

 

1.8.1 Inflammation counteracts or promotes cancer progression 

Inflammation is a highly conserved biological process that encompasses the activation, 

recruitment, and functional involvement of both innate and adaptive immune cells [327].  

Innate immunity is the first line of defence of the immune system, providing immediate 

and non-specific protection against pathogens, involving the recruitment and activation 

of cellular components such as macrophages and neutrophils that clear infected cells. The 

innate immune system relies on a limited set of receptors to detect pathogens but 

compensates by targeting a wide variety microbial components (such as viral nucleic 

acids), initiating a protective inflammatory response within minutes of pathogen 

exposure. Furthermore, innate immunity plays a central role in activating the adaptive 

immune response [328], [329]. 

While initially recognized for its critical function in defending the host against pathogens, 

inflammation holds equal significance in facilitating tissue repair, regeneration, and 

remodelling, thus delicately balancing tissue homeostasis [330], [331]. In recent decades, 

there has been a significant resurgence of interest for the link between inflammation and 

cancer, with inflammation playing a significant role in various stages of cancer 

development and progression by supporting cancer cells growth, survival ,and 

angiogenesis  [332], [333]. Conversely, the inflammatory response can activate immune 

system to recognize and eliminate cancer cells. However, cancer cells can develop 

mechanisms to evade immune recognition and attack, leading to immune escape [332]. 

These findings clearly show that inflammation to act both as anti or pro tumorigenic 

factor, according to the environment and cancer type [334].   

Nevertheless, the idea to use the immune system to combat cancer, with the advent of 

immunotherapy, has emerged as a promising avenue in cancer treatment [335]. This has 

led to a substantial surge in research efforts focusing on unravelling the molecular 

mechanisms that link inflammation and cancer. By understanding these intricate 

mechanisms, scientists aim to refine and optimize immunotherapeutic approaches for 

improved cancer management. 
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1.8.2 Innate immunity is controlled by the cGAS/STING pathway 

The cGAS-STING pathway is central for the activation of innate immunity (Figure 4) 

[336]. cGAS serves as cytoplasmatic sensor for various forms of cytoplasmic dsDNA 

species originating from virus, bacteria, mitochondria, or other types of genomic DNA 

[337].   

Notably, the C-terminal region of cGAS possesses nucleotide transferase activity, which 

enables it to bind to dsDNA and induce significant conformational changes, particularly 

in its catalytic pockets [338], [339]. This binding event allows the utilization of ATP and 

GTP as substrates for the synthesis of the cyclic dinucleotide molecule cyclic guanosine 

monophosphate-adenosine monophosphate (cGAMP) [340]. Acting as a secondary 

messenger, cGAMP is then detected by STING, a transmembrane protein  that is 

primarily located in the endoplasmic reticulum (ER) [339], [341]. Upon activation by 

cGAMP, STING translocates to the Golgi apparatus via the ER-Golgi intermediate 

compartment [342], [343]. After reaching the Golgi, STING is palmitoylated at two 

cysteine residues (Cys88 and Cys91) and recruits TANK-binding kinase 1 (TBK1), 

which in turn phosphorylates the C-terminal of STING, allowing the recruitment  of  IFN 

regulatory factor 3 (IRF3). Furthermore, STING activation can bind and active IkB 

kinase IKK to trigger NF-kB transcriptional activation [341]. The activation of the two 

transcription factors IRF3 and NF-kB (p50/p65) subsequently induce the expression and 

secretion of pro-inflammatory cytokines such as IFN-β  and IL-1 [344].  Pro-

inflammatory cytokines have a broad spectrum of actions, including  expression of 

vascular endothelial receptors necessary for immune cell migration, and activation of  

macrophages and neutrophils to aid in the process of destruction [345].  
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1.8.3 Factors contributing to the accumulation of DNA in the cytoplasm 

In the context of tumour cells, exposure to various stress, such as metabolic stress, mitotic 

stress, oxidative stress, and DNA damage stress renders both nuclear and mitochondrial 

DNA vulnerable to damage and deletion of DNA elements. These conditions were 

subsequently reported to lead to the production of cytoplasmic DNA accumulation and 

cGAS/STING pathway activation [336].  A classic source of cytoplasmic DNA comes 

are resented by so-called “micronuclei”, small nuclear-like bodies composed of 

chromosome fragments wrapped in fragile nuclear membranes. Micronuclei are 

traditional biomarkers of DNA damage and chromosome instability that can activate the 

cGAS/STING pathway after the loss of their membrane component [346]. Micronuclei 

can originate during anaphase from lagging acentric chromosome or chromatid 

fragments caused by mis-repair of DNA breaks or unrepaired DNA breaks [347]. 

Additionally, several key players in the control of genome stability are involved in the 

activation of the cGAS/STING  pathway by cytoplasmatic DNA species. 

For example, abnormal DNA structure at stalled replication forks can be cleave by 

Figure 4. Schematic representation of the cGAS/STING pathway.  

cGAS is traditionally activated by viral or bacterial DNA, but it can also respond to self-DNA such as 

chromosomal DNA or mitochondrial DNA. Upon DNA binding, cGAS becomes enzymatically active 

and produces cyclic GMP-AMP (cGAMP) synthesis. cGAMP then binds to and activates STING, which 

in turn activates inflammatory protein kinases (IKK and TBK1) and stimulate nuclear factor kappa B 

(NF-kB) and interferon regulatory factor 3 (IRF3) by TBK1, activating transcription of inflammatory 

genes. Image taken from Zierhut et. al., 2020 [332] 



32 
 

endonuclease MUS81 resulting in the build-up of DNA in the cytoplasm [348]. Induction 

of DNA DSBs following ionizing radiation (IR) or treatment with chemotherapeutic can 

also activate the cGAS/STING signalling pathway [336].  

Interestingly, recent studies have demonstrated a link between unscheduled R-loop 

formation and cytoplasmic DNA accumulation resulting in activation of the 

cGAS/STING pathway. For instance, the disruption of R-loop homeostasis due to the 

loss of SETX or BRCA1 gene has been associated with cytoplasmic R-loops 

accumulation that bind to the pattern recognition receptors cGAS and activating IRF3 

that inducing apoptosis [349]. TOP1 poisons increase micronuclei levels with a 

mechanism involving R-loops and activate the cGAS/STING pathway leading to 

increased expression of immune genes in HeLa cells. Overexpression of RNaseH1 

markedly reduces micronuclei level [350]. 

These results establish that RNA-DNA hybrids are immunogenic species that aberrantly 

accumulate in the cytoplasm after R-loop processing, linking R-loop accumulation to the 

innate immune response, a new insight that could have positive implications for cancer 

therapies. 
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2 Aim of the thesis 
 

Unscheduled R-loop formation is one of the major sources of genomic instability, thus 

the underling mechanisms should be widely unveiled. The RNA-binding protein SFPQ 

has been reported to suppress R-loop at telomeres, preventing DNA damage and 

recombination. However, his action is not limited to these sites, but expands genome-

wide. With this work I aimed to investigate the R-loop management function of SFPQ 

and its novel interacting partner DAXX on a genome-wide level. 

 

In particular, my Ph.D. thesis aims: 

• To validate and dissect the interaction between SFPQ and its novel interactor 

DAXX 

• To investigate R-loop repressing action of SFPQ and DAXX at telomeres and at 

other repetitive regions genome-wide 

• To investigate the downstream effect of un-managed R-loop formation upon 

SFPQ depletion, in terms of genomic instability and innate immunity 

 

By performing such investigations I will provide evidence for an SFPQ mediated, R-loop 

dependent activation of innate immunity that shall play an important role in sarcoma 

treatment. 
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3 Material and methods 
 

3.1 cell lines and culture 

Human cell lines used were obtained from ATCC and have not been cultured for longer 

than 6 months. All cells were cultivated at 37°C, 5 % CO2. U-2 OS (osteosarcoma) cells 

were cultured in low glucose Dulbecco’s modified Eagle’s (DMEM) medium 

(Euroclone) with 10% foetal bovine serum (Corning), 1% L- glutamine (Gibco), 1% 

penicillin/streptomycin (Gibco). H1299 (carcinoma; non–small cell lung cancer) cells 

were cultured in Roswell Park Memorial Institute (RPMI) medium (Euroclone) 

supplemented with 10% foetal bovine serum (Euroclone), 1% L-glutamine (Gibco), 1% 

penicillin/streptomycin (Gibco). OVACR4 (ovarian; non–small cell lung cancer) cells 

were cultured in Roswell Park Memorial Institute (RPMI) medium (Euroclone) 

supplemented with 10% foetal bovine serum (Gibco), 1% L-glutamine (Gibco), 1% 

penicillin/streptomycin (Gibco).  HEK293 (human embryonic kidney) cells were 

cultured in high glucose Dulbecco’s modified Eagle’s (DMEM) medium (Euroclone) 

supplemented with 10% foetal bovine serum (Euroclone), 1% L-glutamine (Gibco), 1% 

penicillin/streptomycin (Gibco).    

U-2 OS inducible cell lines were gently provided by Prof. Sébastien Britton (IPBS, 

Toulouse) and cultivated as canonical U-2 OS cells, with the addition of Puromycin 

(Sigma) 0.25 µg/ml. Doxycycline induction was performed with 2 µg/ml doxycycline 

(Sigma) in complete medium for 24 h. 

U2-OS cells stably expressing mutated forms of SFPQ or the single P domain were 

cultivated as canonical U-2 OS cells, with the addition of Puromycin (Sigma) 0.5 µg/ml. 

 

3.2 siRNAs and vectors transfection, retroviral transduction, stable cell lines 

production 

For siRNAs transfection, RNAi-MAX Lipofectamine (Invitrogen) was used according 

to the manufacturer’s suggestions.  

siRNAs have been transfected at a final concentration of 30 nM for 72 hours.  

siRNA used to transiently transfect cells are the following:  

Human, ON-TARGETplus CONTROL siRNAs (Dharmacon)  

ON-TARGET plus smartpool SFPQ siRNAs (Dharmacon)  

SFPQ 5’UTR siRNA (MWG) 5'- CCACGUUUCCUGAGCGUCU(TT)-3'  

RNase H1 siRNA (MWG) 5'- ACAAACCAAAGAGCGGAAAUUCAUG(TT)-3’ 

DAXX siRNA (MWG) 5'- GGAGUUGGAUCUCUCAGAA(TT)-3' 



35 
 

To generate stable cell lines stably expressing SFPQ mutants, U 2-OS cells were co-

transfected with 1 μg of linearised desired vector carrying Myc-tagged SFPQ, related 

mutants or Myc empty control vector, and 0.1 μg of linearised pLPC vector carrying 

puromycin resistance. Cells were transfected using Lipofectamine 2000 (Invitrogen) 

according to the manufacturer’s suggestions. 48 h after transfection, Puromycin 0.25 

µg/ml was added, and subsequently increased to 0.5 µg/µl to completely select stable 

cells. 

For lentiviral transduction HEK 293 were used as packaging cell line. 

Reaction mix  containing DNA was prepared adding: 

10 μg Backbone  

7.5 μg psPAX2  

2.5 μg pMD2-env  

50 µl Polyethylenimine (PEI, 1mg/ml) 

OptiMEM to 950 μl 

After 10 minutes incubation RT, the mix was added drop by drop on a 10 cm2 dish pre-

filled with 9 ml complete medium and left overnight in incubator. 

The day after, medium was replaced by 6 ml fresh medium and left 72 hours. 

Subsequently, the supernatant containing the virus was collected, centrifuges and 

filtered. 

1.5 ml aliquots were stored at -80° for future use or immediately used for cell 

transduction. For this purpose, 15 μg of 10 mg/ml Polybrene (Sigma) was added, then 

the mixture was put on a 3 cm2 dish with recipient cells. After 24 hours, Puromycin 

0.25 µg/ml was added, and subsequently increased to 0.5 µg/µl to completely select 

stable cells. 

 

3.3 Immunofluorescence 

Cells were washed with 1X PBS and fixed in 4% paraformaldehyde (PFA) for 15 

minutes. Subsequently, cells were washed with 1X PBS and then treated with Citrate 

Buffer (0.1% sodium citrate, 0.05% Triton X-100) for 5 minutes at room temperature 

and washed with 1X PBS, 0,1% Tween-20. Cells were blocked for an hour in Blocking 

Solution (3% BSA/1X PBS, 0.1% Tween-20). Primary antibodies (antibodies table) 

were diluted in blocking solution and slides were incubated for 2 hours at room 

temperature in a wet chamber or overnight at 4°C for pIRF3 antibody. Cells were 

washed three times in washing solution (0.3% BSA/1X PBS, 0.1% Tween-20) for 5 
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minutes and incubated with Alexa Fluor secondary antibodies (Invitrogen, 1:500) 

diluted in washing solution for an hour in a wet dark chamber. After incubation, slides 

were washed two times in washing solution for 10 minutes. After that, DAPI (Sigma) 

was added in order to stain the nuclei and slides were incubated for 5 minutes. Slides 

were mounted with ProLong (Invitrogen). For S9.6 immunofluorescence, cells were 

fixed and permeabilized with ice-cold methanol for 10 minutes and ice-cold acetone 

for 1 minute, respectively, on ice as previously described (Bhatia et al., 2014). 

Blocking, antibody and washing solutions were performed in 4X SSC. Images were 

captured using classic immunofluorescence microscope (Leica DM4000B). 

For classic immunofluorescence analysis, the number of co-localizations was counted 

by manual inspection. Quantitative immunofluorescence analysis were performed 

using ImageJ. The Student’s t-test was used to calculate the statistical significance. For 

signals intensity of interphase nuclei was analysed using ImageJ.  Student’s t-test was 

used to calculate the statistical significance. 

 

3.4 Co-Immunoprecipitation 

Cells were lysed in Lysis Buffer (50 mM Tris pH 8, 150 mM NaCl, 1% NP-40, 5 mM 

EDTA, 5% glycerol) supplemented with 1mM PMSF, 1X PIC and 1mM NaF 

(proteases /phosphatases inhibitors) and passed through a small siring several time to 

ensure proper nuclear disruptor. Between 800 ng and 1000 ng of toral protein material 

was used per IP. Desired antibody were added to the protein extract. The mixture was 

left rocking O/N at 4°. The following day, 25 µl of Dynabeads Protein A (Invitrogen) 

were used for each IP to capture ab-antigen interaction 2 h at 4°C, rocking. 4 washes 

in Lysis Buffer were performed. The sample was then eluted in Sample Buffer 2X (125 

mM Tris pH 6.8, 0.5% SDS, 10% glycerol, 5% 2-mercapto-ethanol) and the protein-

protein interaction was investigated by Western Blot. 

 

3.5 Chromatin immunoprecipitation (ChIP) 

U-2 OS cells transiently transfected for 72 hours with siRNAs for SFPQ ad control 

were fixed by adding Formaldehyde Solution (Sigma) in PBS 1X, to a final 

concentration of 1%. Cells were shaken for 15 minutes at room temperature. Cross-

linking was stopped by incubation with glycine to a final concentration of 0.125 M 

while shaking for 5 minutes. Cells were washed twice with cold 1X PBS and collected 

by scraping with ice-cold PBS 1X, 1mM PMSF, 1X PIC and 1mM NaF. Cells were 



37 
 

centrifugated at 4000 rpm-4C for 5 minutes and resuspended in Lysis Buffer I (50 mM 

HEPES pH 7.5, 10 mM NaCl, 1mM EDTA, 10% Glycerol, 0.5% NP-40, 0.25% Triton 

X-100), 1mM PMSF, 1X PIC and 1mM NaF, then rocked for 10 minutes at 4°C and 

pellet was resuspended in Lysis Buffer II (10 mM Tris-HCL pH 8.0, 200mM NaCl, 

1mM EDTA, 0.5 mM EGTA) 1mM PMSF, 1X PIC and 1mM NaF and centrifugated 

5 minutes at 4°C. Pellet was then resuspended in Lysis Buffer III (10 mM Tris-HCl pH 

8.0, 200 mM NaCl, 1mM EDTA, 0.5 mM EGTA, 0.1% Na-deoxycholate, 0.5% N-

lauroylsarcosine) 1mM PMSF, 1X PIC and 1mM NaF. 

Sonication was performed with BioRuptor (Diagenode) to obtain DNA fragments 

between 150-300 bp. Sonicated lysates were centrifugated for 15 minutes at 4°C and 

supernatant contain sonicated DNA was collected into a new Eppendorf tube. 

Sample was diluted with Equilibration Buffer (10mM Tris-HCl pH 8.0, 100mM NaCl, 

1mM EDTA, 1.66% Triton X, 0.166% Na-deoxycholate) 1mM PMSF, 1X PIC and 

1mM NaF to reach a final volume of 900 µl for each IP and Antibody was added to the 

solution and rocked O/N at 4°C. 25 µl of Dynabeads Protein A (Invitrogen) were used 

for each IP upon O/N blocking solution at 4°C with Beads Blocking Solution (0.5 % 

BSA, 5 mM EDTA in 1X PBS). Beads antibody conjugation has been performed 

washing and resuspending beads in equilibration buffer with inhibitor, next antibodies 

conjugated with beads were mixed with samples and incubated at 4°C in rock for 1 

hours.  Elution of the immunocomplex was performed by adding 250 µl of Elution 

Buffer (10mM Tris pH 8.0, 300 mM NaCl, 5 mM EDTA, 0.5% SDS) and incubated at 

37°C under shaking at 800 rpm for 15 minutes. Magnetic rack was used to collect the 

eluted material, elution was performed twice. Revert Crosslink was performed adding 

20 µl of 5M NaCl  at 65°C O/N. DNA purification was performed adding 10 µl of 

0.5M EDTA, 20 µl Tris-HCl pH 6.5-7.4, 2 µl RNase A (Invitrogen, 10 µg/µl), 2 µl 

Protease K (Invitrogen, 20 µg/µl) to each sample and incubated 1 hour at 45°C.  

After incubation PCI was performed and samples were resuspended in 30 µl of TE 1X. 

Samples were analysed by q-PCR. 

For ChIP-seq experiment, sample were purified with PCR purification kit (Qiagen) 

and sent to Macrogen for library preparation and sequencing. 
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3.6 RNA:DNA hybrids immunoprecipitation (DRIP) 

U-2 OS cells transiently transfected for 72 hours with siRNAs for SFPQ ad control 

were scraped with cold PBS 1X and centrifuged at 4000 rpm for 5 minutes at 4°C. 

Samples were lysed in 1:1 of Lysis Buffer (1% SDS, 20 mM Tris-HCl pH 7.5, 40 mM 

EDTA pH 8.0, 100mM NaCl, ddH2O) and TE buffer (100 mM Tris-HCl pH 8.0, 10 

mM EDTA pH 8.0) supplemented with Proteinase K (150 ug/ml final concentration, 

Invitrogen) at 37°C O/N and purified by phenol-chloroform extraction, ethanol 

precipitation and resuspend in Elution buffer (5 mM Tris-HCl pH 8.5). The purified 

nucleic acid preps were sonicated to obtain chromatin fragments size of 300-500 pb 

and quantified. Part of samples was kept 1 ug was taken as Input (IN), 4 µg were stored 

for immunoprecipitation while other 4 µg were incubated with RNase H (5000U/mL 

NEB) at 37°C overnight as a negative control. Magnetic Beads were pre-blocked with 

5mM EDTA/PBS containing 0.5% BSA O/N rocking at 4°C. Magnetic beads were 

washed two times for 5 minutes rocking at 4°C with IP buffer (50 mM Hepes/KOH pH 

7.5, 0.14 M NaCl, 5 mM EDTA pH 8.0, 1% Triton X-100, 0,1% Na-Deoxycholate) 

and resuspended in IP buffer.  Magnetic beads were incubated with S9.6 antibody 

(Sabbioneda (Homemade) 1μg for every 2 μg DNA ) for 4 hours rocking at 4°C this 

sample was added the sample and incubated overnight rocking at 4°C. Afterwards, 

beads were recovered and washed once with following buffer: IP buffer, HIGH SALT 

buffer (50 mM Hepes/KOH pH 7.5, 0.5 M NaCl, 5 mM EDTA pH 8.0, 1% Triton X-

100, 0,1% Na-Deoxycholate), Wash buffer (10 mM Tris-HCl pH 8.0, 0.25M LiCl, 1 

mM EDTA pH 8.0, 0.5% NP-40, 0,5% Na-Deoxycholate), TE (100 mM Tris-HCl pH 

8.0, 10 mM EDTA pH 8.0) at 4°C with rotation. Elution was performed in 500µl of 

Elution Buffer (50 mM Tris-HCl pH 8.0, 10 mM EDTA pH 8.0, 1% SDS) for 15 

minutes at 65°C. The samples were then purified using standard phenol/chloroform 

and ethanol precipitation. Samples were analysed by q-PCR. 

 

3.7 RNA extraction and retro-transcription  

Cells were washed with 1X PBS, then 500 µl of Trifast (Euroclone) were added 

directly on 3 cm2 cell dish , pipetted up and down until smooth and left 5’ at room 

temperature. After transferring the sample into an eppendorf, 100 µl of chloroform 

(Sigma) were added, the sample were then shaken for 15’’ and left 5’ at room 

temperature. After 10 minutes centrifugation 13,000 rpm, 4°C, the transparent upper 

phase has been collected in a new Eppendorf tube. An equal amount of Isopropanol 
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(Sigma) was added and the solution was mixed until combined, then put at -20° for at 

least 30 minutes. After 30 minutes centrifugation at 13,000 rpm, 4°C, supernatant has 

been discarded and two washes with 500 µl of 70% EtOH has been performed. After 

discarding supernatant, samples were left drying for 40-45 minutes under chemical 

hood. Samples were resuspended in 20 µl of H2O. Reverse transcription was performed 

by using QuantiTect® Reverse Transcription Kit (Qiagen) following manufacturer’s 

instructions. For RNA-seq experiment, samples were collected by using Norgen 

Biotech RNA extraction Kit and sequenced by Macrogen.   

 

3.8 RealtTime-PCR 

Quantitative PCR (RT-qPCR) was performed using 500 nM of specific primers in 

iTaq™ Universal SYBR® Green Supermix (BioRad) with CFX Connect Real-Time 

PCR Detection System (BioRad) following manufacture instruction. Specificity of 

PCR products was routinely checked with melting curves and agarose gel 

electrophoresis. PCR primers are reported in Table 2. 

 

3.9 IF-DNA FISH  

Cells were washed with 1X PBS and fixed in 4% paraformaldehyde (PFA) for 20 

minutes at 4°C. Subsequently, cells were washed with 1X PBS 0.1% Triton X-100 at 

room temperature for 7 minutes. Cells were blocked with PBS1X BSA 5% at 37° for 

20 minutes. Primary antibodies (antibodies table) were diluted in blocking solution 

(PBS1X BSA 5%) and slides were incubated O/N at 4°C in a wet chamber. Cells were 

washed twice in PBS 1X, 0,05% Triton-X-100 for 5 minutes and incubated with Alexa 

Fluor secondary antibodies (Invitrogen, 1:500) diluted in blocking solution for an hour 

in a wet dark chamber at room temperature.  

After incubation, slides were washed twice in PBS 1X solution for 7 minutes. 

For the DNA-FISH step, cells were re-fixed in PBS 1X, 4% formaldehyde for 2 

minutes at room temperature and were washed three times with PBS 1X, this step was 

repeated twice. Serial dehydration was performed, 5 minutes with 70%, 90% and 100% 

in EtOH. Hybridisation solution (1M Tris pH 7.4, MgCl2 buffer pH 7.0 (25mM MgCl, 

9mM citric acid, 82 mM Na2HPO4), deionize formamide 70%, Probe 1 ug/ul, blocking 

reagent 0.25% final concentration) was added on top of every coverslip. Samples were 

denaturated at 80°C for 3 minutes and incubated for 2 hours at room temperature in 

wet dark chamber. Cells were washed in FISH washing (Formamide 50%, 10mM 
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TrisHCl pH 7.2, 0.1% BSA) solution at room temperature three time under shaking 

and subsequently washed in TBS1x, 0.08% Tween twice for 5 minutes. After that, 

DAPI (Sigma), TBS 1X, 0.08% Tween was added for 5 minutes and was performed 

serial dehydration in 70%, 90% and 100% EtOH for 5 minutes. Slides were mounted 

with ProLong (Invitrogen). Images were captured using classic immunofluorescence 

(Leica DM4000B) microscope. Co-localization counting were quantified by visual 

inspection. Pericentromeric probe for Sat2D:  

5’-5TYE563-GATCGAATGGAATCTGAATGGAA-3’. 

 

3.10 Vector cloning 

Vectors expressing GFP tagged version of SFPQ mutants were produced in home. 

Briefly, we first cloned a NLS-MCS-Myc tag construct into pLV-eGFP vector 

(Addgene, #36083) by using BsrgI rescriction site, producing an entry vectory for 

downstream application, as well as being an empty control vector. 

The entry vector was the digested with SpeI and XhoI restriction enzyme to insert 

inside the desired construct (SFPQ mutant or the P domain/P domain nFS alone). 

Ligation was carried out using 50 ng of vector and a 1:7 ration of insert by using Hi-

T4 DNA Ligase (NEB) following manufacture instructions. 

Competent Stable E.coli (NEB) were transformed by heat shock and left growing at 

30° O/N. Obtained colonies were inspected for correct construct insertion by MiniPrep 

(homemade) and validated by Sanger Sequencing (Eurofins Genomics). 

Expression vectors for recombinant proteins were produced by LIC cloning by 

inserting Myc-SFPQ into pNIC-CTHF (Addgene, #26105) digested with BfuAI, and 

HA-DAXX into pGTVL1 (Addgene, #39188) using BseRI restriction sites, giving rise 

to Myc-SFPQ-His-FLAG and HA-DAXX-GST, respectively. 

Cloning oligos are listed in table Primer Table (3.13). 

 

3.11 Protein extraction and Western Blotting 

Whole-cell lysates were prepared using a modified RIPA buffer (50 mmol/L Tris-HCl 

(pH 7.5) 250 mmol/L NaCl, 1% Triton X-100, 1% deoxycholic acid, 1% SDS) 

supplemented with serine protease inhibitor phenylmethylsulfony fluoiride (PMSF) 

1mM, phosphoprotein phosphatase inhibitors sodium fluoride (NaF) 1mM and 

protease inhibitor cocktail (PIC) 1X (SIGMA). After scraping, cells were incubated for 

60 minutes on ice and sonicated (Fisher scientific). After centrifugation, 15 minutes, 
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13,000 rpm, 4°C, supernatants have been recovered and used for Western blotting 

according to standard procedures. Primary antibodies used are listed in Table 1. 

Membranes were incubated with the specific secondary antibodies bound to the HRP 

enzyme (horseradish peroxidase-conjugated antibody) (Sigma) and the levels of 

protein expression were detected by chemiluminescence using the ECL system with 

subsequent exposure on ChemiDoC (Bio-Rad). 

 

3.12 Recombinant proteins production 

For producing recombinant SFPQ and DAXX proteins, E.coli Rosetta 2 (DE3) cells 

were transformed with expressing vectors. Upon transformation, cells were grown in 

LB medium under shaking until reaching  OD600=0,6. 0.1 mM IPTG was then added 

to induce protein expression, leaving cells growing O/N at 18°C under shaking. After 

centrifugation, bacterial cells were resuspended in Lysis buffer (50 mM Tris pH 7.5, 

300 mM NaCl, 5% glycerol, 5 mM Imidazole) + inhibitors (protease inhibitor cocktail 

Roche, 1mM PMSF, 1mM TCEP, lysozyme 1mg/ml) and disrupted using homogenizer 

and clarified by centrifugation at 30.000g for 1 hour at 4°C. Supernatant was applied 

to nickel (SFPQ) or glutathione (DAXX) resin for 1 hour and 30 minutes under rotation 

at 4°C. SFPQ bound resin was pelleted, washed with 50mM Imidazole in Lysis buffer, 

then eluted in 300 mM Imidazole in Lysis buffer. DAXX bound resin was pelleted, 

washed using a gradient of KCl, ranging from 0 M to 1M, then back to 0 M, in Lysis 

buffer, then eluted in 300 mM Glutathione in Lysis buffer. The most enriched 

fraction(s) was loaded into a size exclusion chromatography column. Collected 

fractions were inspected by SDS-PAGE Giotto ProBlue safe stain to identify the 

fraction(s) containing more pure protein. 

 

3.13 Immunofluorescence on Chromosome Spreads 

For chromosome spreads, asynchronous cells were treated with 0.2 μg/mL Colcemid 

for 4 hours and mitotic cells were collected my mitotic shake-off as described [103].  

Cells were subsequently washed once in 1X PBS at room temperature. Cells were then 

resuspended in 65 mM KCl buffer for 10 minutes and spun onto glass slides by 

Cytospin at 1400 rpm for 5 minutes. Slides were incubated in KCM buffer (10 mM 

KCl, 20 mM NaCl, 10 mM Tris-HCl pH 8, 0.5 mM EDTA, 0.1% Triton X-100) for 10 

minutes. Primary antibodies were diluted in 1% BSA/KCM buffer and slides were 

incubated with primary antibodies for 2 hours in a wet chamber. The slides were 
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washed with KCM buffer three times for 5 minutes each, and then were incubated with 

secondary antibodies in 1% BSA/KCM buffer for an hour. Cells were subsequently 

washed three times with KCM buffer (5 minutes each time) and fixed with 4% 

paraformaldehyde for 15 minute and mounted in ProLong (Invitrogen). All buffers 

used were supplemented with NaF and sodium orthovanadate (Na2VO4) to prevent 

dephosphorylation of proteins. Images were captured using classic 

immunofluorescence microscope (Leica DM4000B) and were quantified by visual 

inspection. The Student t-test was used to calculate the statistical significance. 

 

3.14 Bioinformatics methods 

RNA sequencing was performed in triplicate for both conditions. Raw sequences files’ 

quality was checked via FastQC (v 0.11.9, 

http://www.bioinformatics.babraham.ac.uk/projects/fastqc/). Transcript quantification 

was conducted with STAR (version v.2.7.9a) using Ensembl GRCh38 GTF file and 

genome version (accessed on September 2022). The generated gene counts were 

consequently analysed using R (2) package DESeq2 (3). The normalized count matrix 

was obtained from variance stabilizing transformation (VST) method as implemented in 

DESeq2 package. In order to explore high-dimensional data property, among the 

available algorithms, Principal Component Analysis (PCA) coupled with a 

dimensionality reduction algorithm was used to scale data. In order to select only the 

statistically significant changing genes between comparisons of interest, a differential 

gene expression analysis was performed. The differentially expressed genes (DEGs) 

were selected with a p-adjusted cut off of 0.05 and a log2 Fold Change value greater than 

1.5 (up-regulated DEGs) or lower than -1.5 (down-regulated DEGs). P-value was 

adjusted for multiple testing using the Benjamini–Hochberg (BH) correction with a false 

discovery rate (FDR) ≤ 0.05.  To be able to identify features biological identities and the 

pathways they belong to, a functional annotation analysis was performed for all the 

comparisons and for feature list of interest with gprofiler2 package (4). Different 

databases were used to annotate the DEGs: Gene Ontology (Molecular Functions – MF, 

Biological Processes – BP, Cellular Component – CC), Kyoto Encyclopedia of Genes 

and Genomes (KEGG), Reactome, WikiPathways (WP), Transfac (TF), miRTarBase 

(MIRNA), Human Protein Atlas (HPA), CORUM (CORUM protein complexes), Human 

Phenotype Ontology (HP), RNA central. Functional annotation results were visualized 

http://www.bioinformatics.babraham.ac.uk/projects/fastqc/
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with ggpubr package (5) via Balloon plots. The Gene Ontology network visualization 

was obtained with the cnetplot function, belonging to enrichplot package (6). 

ChIP-seq analysis was performed with the ChiP-AP pipeline, performing quality control 

(FastQC), read trimming and filtering (Bbduk and Trimmomatic), genome mapping 

(BWA-MEM), peak calling (Genrich, HOMER, MACS2, SICER2), peak merging and 

annotation (HOMER). Using R/Bioconductor environment, peaks that were called by 

three out of four peak calling methods were considered as present.  

Peaks were considered differentially expressed when having p-value < 0.05 for at least 

three methods. In particular, for HOMER, MACS2, and SICER2, the Fold Change must 

be greater than 1 or for Genrich the enrichment score must be positive (up-regulated 

peaks). Overlaps between peaks were calculated with findOverlaps function (IRanges 

package) with a minimum overlap of 100bp. Density plots were generated with 

plotKaryotype and kpPlotDensity functions (karyoploteR package).  The distribution of 

the width of the peaks was investigated across all differentially expressed peaks for every 

class of annotation, and were then log2 transformed for plotting convenience. Outliers 

for width values, whether falling below the fifth percentile or exceeding the ninety-fifth 

percentile, were treated as having values equivalent to the fifth or ninety-fifth percentile, 

respectively. The average Fold Change for differentially expressed peaks was determined 

based on Fold Change values from HOMER, MACS2, and SICER2. Genrich was omitted 

from the analysis due to having an enrichment score. Barplots and boxplots were created 

with ggpubr package. Piecharts were generated with the PieDonut function (webr 

package). Lineplots were generated with the newggslopegraph function (CGPfunctions 

package).  

To analyse patients overall survival, The Cancer Genome Atlas (TCGA) Pancancer 

Sarcoma dataset (accessed September 2023, n = 250) was retrieved from cBioPortal, 

jointly with patient metadata. The analysis was performed in R/Bioconductor 

environment. Patients were categorized into high-expression and low-expression groups 

using the surv_cutpoint function from the survminer package. The p-value was computed 

using the Survdiff function from the survival package, and the hazard ratio was 

determined using the coxph function from the same package. These results were 

visualized through Kaplan-Meier plots. Censoring was applied for cases starting at 60 

months (equivalent to 5 years) onward, and patients who passed away after that point 

were treated as though they were still alive before that time.   
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3.15 Primer Table 

Primer  Sequence  

CCL5 FW CCTCCCCATATTCCTCGGAC 

 

CCL5 RV CACACTTGGCGGTTCTTTC 

 

DDX60 FW CCCAGGGTCCAGGATTTTAT 

 

DDX60 RV GAACAGTTGCTGCCACTTGA 

 

IFI44 FW AGCCTGTGAGGTCCAAGCTA 

 

IFI44 RV TTTGCTCAAAAGGCAAATCC 

 

IL1α FW TAAGCTGCCAGCCAGAGAGGGA 

 

IL1α RV AGCCTTCATGGAGTGGGCCATAGC 

 

IL6 FW 

 

AAAGCAGCAAAGAGGCACTGGCA 

 

IL6 REV 

 

CTGCACAGCTCTGGCTTGTTCCT 

 

IL8 FW 

 

GGCAGCCTTCCTGATTTCTG 

 

IL8 RV 

 

CTTGCCAAAACTGCACCTTCA 

 

IL12 FW 

 

CCTTCACCACTCCCAAAACCT 

 

IL12 RV 

 

TGTCTGGCCTTCTGGAGCAT 

 

CGAS FW 

 

AAG GAT AGC CGC CAT GTT TCT 

CGAS REV 

 

TGG CTT TCA GCA AAA GTT AGG 

STING FW 

 

 

AGC ATT ACA ACA ACC TGC TAC G 

 

STING REV 

 

 

GTT GGG GTC AGC CAT ACT CAG 

 

IRF3 FW 

 

 

CTC GTG ATG GTC AAG GTT GTG 

 

IRF3 REV 

 

AGT TTA TTG GTT GAG GTG GTG G 

MAD1L1 

FW 

TCACCACCATTCTCACGTCA 
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MAD1L1 RV TGATGGTGTGGAGAGTGGTC 

 

Sat II FW TCGATGTTGATTCCATTAGTTTCCA 

 

Sat II RV AAATGTGATCTTCATTGAATGGACT 

 

Sat III FW AATCAACCCGAGTGCAATCG 

 

Sat III RV TTCCCTTCCATTCCATTATTATCCATG 

 

αSat FW CTCACAGAGTTGAACCTTCC 

 

αSat RV GAAGTTTCTGAGAATGCTTCTG 

 

Telomere FW ACACTAAGGTTTGGGTTTGGGTTTGGGTTTGGGTTAGTGT 

 

Telomere RV TGTTAGGTATCCCTATCCCTATCCCTATCCCTATCCCTAACA 

 

DRIP Telo 

FW 

 

CGGTTTGTTTGGGTTTGGGTTTGGGTTTGGGTTTGGGTT 

 

DRIP Telo 

RV 

 

GGCTTGCCTTACCCTTACCCTTACCCTTACCCTTACCCT 

 

Subtel 16p 

FW 

 

TGCAACCGGGAAAGATTTTATT 

 

Subtel 16p 

RV 

 

GCCTGGCTTTGGGACAACT 

 

LINE1_FW 

 

AGGCCACTGTGTGCGCGC 

 

LINE1_RV 

 

CCAGGTGTGGGATATAGTCTC 

 

AluY_FW 

 

AGATCGAGACCATCCTGGCT 

 

AluY_RV 

 

CCGCCTCCCGGGTTCACGCC 

 

AluS_FW 

 

GCCGAGGCGGGCGGATCACC 

 

AluS_RV 

 

GCCTCCCGAGTAGCTGGGAT 

 

SYCP2_FW TCCCTTCCTGCTCGCCTGTCC 

 

SYCP2_RV TCCTCTCGCGCTATGCTCTCCT 
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PDE3A_FW GACAGCGATGAGTCAGGAGA 

 

PDE3A_RV TCTGAAGAGTGCGACTGAGG 

 

SFPQ FW TGCCATTCATGCTTCTATGCA 

 

SFPQ RV GGCCTAGACACTCTCATGCTTTC 

 

DAXX FW AAGCCTCCTTGGATTCTGGT 

DAXX RV ATCATCCTCCTGACCCTCCT 

RNaseH1 FW 

 

CCTGTACTTACTGGTGTGGAAAATAGC 

 

RNaseH1 RV 

 

CCGTGTGAAAGACGCATCTG 

 

ACTIN_FW 

 

AGCACTGTGTTGGCGTACAG 

 

ACTIN_RV 

 

TCCCTGGAGAAGAGCTACGA 

 

Cloning Oligos 

NLS-MCS-

MYC TOP 

 

GTACAAGGATCCAAAAAAGAAGAGAAAGG 

TAACTAGTGCTAGCTTAATTAAGCTCGAG 

GAACAAAAACTCATCTCAGAAGAGGATCTGTAAT 

 

NLS-MCS-

MYC BOT 

 

GTACATTACAGATCCTCTTCTGAGATGAGTTTTTGTT 

CCTCGAGCTTAATTAAGCTAGC 

ACTAGTTACCTTTCTCTTCTTTTTTGGATCCTT 

P dom FW GTTAATACTAGTCCGCAGGACTCTTCCAAG 

P dom RV GTATCCTCGAGGATCTTCTCCTCGCTGCG 

SFPQ FW GTTAATACTAGTATGAAGCTCATGTCTC 

SFPQ RV GTATCCTCGAGGCTAAAATCGGGGTT 

SFPQ LIC 

FW 

TTAAGAAGGAGATATACTATGGAACAAAAACTC  

 

SFPQ LIC 

RV 

ATTGGAAGTAGAGGTTCTCTGCAAATCGGGGTTTTTT  
 

DAXX LIC 

FW 

TACTTCCAATCCATGTACCCATACGATGTT  
 

DAXX LIC 

RV 

TATCCACCTTTACTGCTAATCAGAGTCTGA  
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         3.16 Antibody Table  

Antibody Company Code WB IF ChIP 

ATR 
CELL 

SGNALING 

 

2790S 
 

  5 μg 

cGAS AbClonal   1:100  

CREST 

 

Antibodies 

Incorporated 
 

 

15-235 
 

 1:400  

DAXX BETHYL A301-353A   2.5 μg 

H3 ABCAM AB1791   1 μg 

H3.3 MILLIPORE 09-838   1.5 μg 

IKBα 
CELL 

SGNALING 
#4814 1:2000   

p65 
CELL 

SGNALING 
#7956 1:500   

pATR GENETEX GTX128145 1:500   

pIKBα 
CELL 

SGNALING 
#2859 1:2000   

pIRF3 AbClonal AP1412  1:100  

p-p65 
CELL 

SGNALING 
#3033 1:1000   

pSTAT3 
CELL 

SGNALING 
#9145 14000   

SFPQ/PSF Bethyl A301-321A 1:5000   

STAT3 
CELL 

SGNALING 
#9139 1:4000   

TRF2 MILLIPORE 05-521  1:200  

Vinculin 
CELL 

SGNALING 
#13901 1:1000   

γH2AX MILLIPORE 07-164  
  4 μg 

Actin SIGMA A5441 1:20000   
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4 RESULTS 

4.1. SFPQ interacts with DAXX to suppress R-loops at repetitive regions 

genome-wide 

Our group has recently identified two RNA-binding proteins that localize to telomeres 

and interact with TERRA lncRNA, polypyrimidine tract-binding (PTB) protein 

associated splicing factor proline/glutamine-rich (SFPQ) and the nuclear RNA-binding 

protein 54 kDa (NONO) [227]. SFPQ suppresses R-loop levels at telomeres and 

modulates ALT activity in cell models for Alternative lengthening of telomeres [227]. 

However, the mechanism SFPQ display remains ununderstood. Thus, we decided to 

focus our experiments on the role of SFPQ in regulating genome wide R-loop 

formation and unveiling its interaction with a putative novel partner.  

 

4.1.1 SFPQ and DAXX direct interact with each other and have a 

common role in suppressing R-loop  

Knockdown of SFPQ results in increased RNA:DNA hybrids in both telomerase positive 

non-small cell lung cancer H1299 cells, and telomerase negative, ALT positive U-2 OS 

osteosarcoma cells, that is paralleled by increased recombination events at telomeres of 

both cell lines. However, SFPQ does not possesses any known catalytic domain, 

suggesting that SFPQ may act as recruiter for R-loop resolution activity. 

Previous mass spectrometry experiments on SFPQ immunoprecipitates in our laboratory 

revealed DAXX as a novel SFPQ interacting protein in H1299 cells (A. Zappone, 

unpublished work). DAXX is an H3.3 specific histone chaperon that, along with the ATP-

dependent helicase ATRX, has been extensively reported to suppress R-loops and 

counteract ALT phenotype [207], [208], [213], [351]. This information led to the 

hypothesis that DAXX and SFPQ, by interacting, can for  a previously unknown complex 

able to suppress telomeric R-loop. To test this hypothesis, co-immunoprecipitation (Co-

IP) essay have been conducted to validate SFPQ-DAXX interaction.  

To investigate SFPQ-DAXX interaction, we decided to use both H1299 cells, WT for 

ATRX, and U2OS cells, that carry a deletion of exon 2 to 19 in the ATRX gene, resulting 

in absence of ATRX expression [212], providing the unique opportunity to investigate 

SFPQ-DAXX interaction in a ATRX clean system. 
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H1299 cells were transiently transfected with vectors expressing HA-tagged DAXX or 

Myc-tagged SFPQ to validate the interaction in both directions. Empty vectors expressing 

only HA tag or Myc tag were used as negative controls. 48 h post transfection, cells were 

used for immunoprecipitation followed by anti-HA or anti-Myc antibody (according to the 

overexpressed tagged protein) western blotting (WB). 

Western blot showed that ectopically expressed Myc-SFPQ successfully 

immunoprecipitated endogenous DAXX (Figure 5A). Moreover, ectopic HA-DAXX was 

able to immunoprecipitate endogenous SFPQ (Figure 5B). 

Notably, while SFPQ was found to co-immunoprecipitate also with its canonical partner 

NONO, no interaction was detected for ATRX in H1299 cells. Moreover, HA-DAXX 

immunoprecipitated ATRX, but not NONO (Figure 5A and B). This indicates that SFPQ-

DAXX interaction is independent for their canonical partners, proposing SFPQ-DAXX as 

a new complex. This experiment confirmed IP-MS data, validating a specific SFPQ-

DAXX interaction. 

To further corroborate this result, endogenous immunoprecipitation of both SFPQ or 

DAXX was carried out in U-2 OS cells. Consistently with previous results, endogenous 

proteins successfully interacted with each other (Figure 5C). Both SFPQ and DAXX carry 

out their canonical functions on chromatin substrates [195], [198], [211], [216], [236]. U-

2 OS cells were fixed in 1% Formaldehyde, collected and lysed. Chromatin was sonicated 

to obtain 300-800 bp fragments and subsequently incubated with anti-SFPQ antibody. 

After immunoprecipitation, eluted proteins were loaded on SDS-PAGE gel and WB was 

performed. In this experimental setting, DAXX was successfully co-immunoprecipitated 

(Figure 5D), suggesting interaction on the chromatin level. 

Finally, SFPQ-DAXX interaction was confirmed using recombinant proteins. HA-DAXX- 

GST and Myc-SFPQ-His were purified form E.coli by affinity chromatography. 

Recombinant proteins co-incubed and protein pull-down experiments using anti-Myc or 

glutathione conjugated beads were performed. WB analysis on eluates revealed specific 

interaction between the two proteins, confirming SFPQ-DAXX interaction on the 

molecular level (Figure 5E and F). All together these results show that SFPQ interacts 

with the novel, binding partner DAXX, in protein extracts and chromatin preparations, 

postulating a common action in modulating R-loops. 
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A 

C 

B 

D 

E F 

Figure 5. The RNA binding protein SFPQ directly interacts with the H3.3 histone chaperon 

DAXX 

H1299 cells were transfected with Myc-SFPQ (A), HA-DAXX (B), or empty expressing vector and 

immunoprecipitated using anti-Myc or anti-HA antibody, respectively. Membranes were stained using 

anti-ATRX, DAXX, SFPQ, NONO antibodies. Input 20 µg. C) Immunoprecipitation of endogenous 

SFPQ or DAXX, using respective antibodies, was performed in U-2 OS cells. Membrane was stained 

using anti-SFPQ or anti-DAXX antibodies. D) Cross-linked chromatin of U-2 OS cells was 

immunoprecipitated using anti-SFPQ antibody, and stained for DAXX and SFPQ. IgG was used as 

negative control. Recombinant Myc-SFPQ-His and GST-DAXX-HA proteins were incubated together 

and subsequently pulled-down using Myc or GST conjugated beads (E and F, respectively). Membranes 

were stained for SFPQ and DAXX. Input 5 µg. 
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To evaluate whether the two proteins work in the same process, immunofluorescence (IF) 

experiment using anti-RNA:DNA hybrid specific monoclonal antibody (S9.6 antibody) 

combined with anti-TRF1 antibody was carried out in U-2 OS cells. U-2 OS cells are a 

useful model to study RNA:DNA hybrid biology as they bear elevated levels of  

RNA:DNA hybrids when compared to telomerase positive cells [352]. Cells were transient 

transfected with Control, SFPQ or DAXX specific SiRNAs for 72 h, fixed and IF was 

performed. Fluorescent microscopy analysis revealed that loss of SFPQ or DAXX leads 

to RNA:DNA hybrid formation at telomeres, as well as overall increased signal for pan-

nuclear RNA:DNA hybrids, thus suggests that both SFPQ and DAXX proteins suppress 

R-loops, upon silencing of either SFPQ or DAXX, indicating that both proteins act at 

telomeres, suppressing R-loops at telomeres and non-telomeric sites. (Figure 6A). 

To validate this finding, DNA:RNA immunoprecipitation followed by q-PCR (DRIP-

qPCR) was performed. After SFPQ or DAXX knock-down (Figure 6B), DNA was 

extracted and RNA:DNA hybrids were immunoprecipitated using of S9.6 antibody. 

Quantitative PCR was performed using primers amplifying telomeric repeats. Silencing of 

either SFPQ or DAXX causes a drastic increase in R-loop levels at telomeres compare to 

the control condition, confirming their role in suppressing these atypical DNA structures 

at telomeres.(Figure 6C). 

All together, these results indicate that both SFPQ and DAXX act as R-loop suppressors 

at telomeres, a classic model system for studying R-loop biology, but also point towards a 

more general role of SFPQ and DAXX in R-loop suppression at the entire genome level. 
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Figure 6. SFPQ and DAXX act on the same process supressing R-loops  

A) Left, representative images of immunofluorescence experiment performed on U-2 OS cells transfected 

with indicated SiRNAs and stained using anti-TRF2 telomeric marker and anti-S9.6 RNA:DNA hybrids 

specific antibody. Right, quantification of TRF2-S9.6 colocalizations and pan-nuclear intensity of S9.6 

antibody. B) WB experiment blotting SFPQ or DAXX under reported silencing conditions. C) DRIP-

qPCR experiment amplifying telomeric repeats under reported silencing conditions in U-2 OS cell lines. 

RNaseH1 treatment was performed as negative control to digest RNA:DNA hybrids. IF data show means 

± SEM of four biological replicates for a total of 90 nuclei. RT-PCR data show means ± SEM of three 

biological replicates. Student t-test was used to calculate statistical significance. 

 

A 

B C 
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4.1.2 SFPQ is responsible for DAXX localization and deposition of H3.3 

histone variant  

Data from our laboratory shows that SFPQ is able to bind R-loop structures, as 

demonstrated by EMSA assays (A. Gambelli, unpublished work).  

We therefore speculated that SFPQ may be responsible for DAXX recruitment and 

localization, thus directing its histone chaperone function. 

To test this hypothesis, we transfected U-2 OS cells with SFPQ specific or Control 

SiRNAs and subsequently proceeded with immunofluorescence experiments using anti-

DAXX and anti-TRF2 antibodies. Fluorescence microscopy analysis pointed out a 

significant decrease in DAXX/TRF2 colocalization events upon SFPQ knock-down, 

providing first line of evidence for SFPQ mediated DAXX localisation at telomeres 

(Figure 7A). Notably, DAXX staining pattern was severely altered upon removal of 

SFPQ, changing from a well-defined, pointed staining to a more disperse one, presumably 

indicating a global de-localization of DAXX due to the lack of SFPQ (Figure 7A). 

To strengthen this result, a second IF experiment was conducted by investigating DAXX 

colocalization with centromeres, a reported DAXX binding region [195], [201]. 

Centromeres were detected by using a Centromere specific antibody from human 

CREST  serum and colocalization with DAXX was tested under control and loss of SFPQ 

conditions. As expected, loss of SFPQ mediates DAXX delocalization from centromeres. 

This indicates that SFPQ action is required for proper localisation of DAXX not only at 

telomeres, but also at centromeres (Figure 7B). 

To fully demonstrate that SFPQ is responsible for DAXX localisation and not vice versa, 

two other immunofluorescence experiment were performed by transiently knocking-down 

DAXX in U-2 OS cells. Loss of DAXX results in increased R-loops at telomeres and 

centromeres, recognised by SFPQ. Cells we stained by using an anti-SFPQ antibody 

combined with either anti-TRF2 or anti-CREST antibodies. In both experiments, SFPQ 

colocalization events were increased upon silencing of DAXX (Figure 7C and D).  

DAXX was reported to have replication independent H3.3 chaperon activity to preserve 

the compacted chromatin structure of telomeres and other repeat elements [195], [198], 

[207]. To validate a functional relevance for SFPQ-DAXX interaction in controlling 

chromatin structure, Chromatin Immunoprecipitation (ChIP) followed by q-PCR (ChIP-

qPCR) experiment was conducted. U-2 OS cells were transiently transfected with Control 

or SFPQ specific SiRNA, fixed, lysed and sonicated to get 300-800 bp DNA fragments. 

Chromatin was then precipitated using anti-DAXX, anti-H3.3 and global anti-H3 

antibodies; non-specific IgG were used as negative control. Immunoprecipitated DNA was 



54 
 

purified and analysed by qPCR by amplifying telomeric or centromeric repeats. We found 

that, upon loss of SFPQ both DAXX and H3.3 localization at telomere and centromere 

was strongly decreased. This indicates that SFPQ is responsible for proper DAXX 

localisation at these sites, prerequisite for DAXX mediated deposition of histone H3.3. 

Notably, levels of total histone H3 did not result in appreciable modification, confirming 

the specific action of DAXX in depositing histone H3.3 variant proteins (Figure 7E). 

Collectively, these results indicate that SFPQ in able to interact with DAXX and localise 

it to specific genomic loci (i.e. Telomeres and Centromeres), mediating DAXX dependent 

deposition of histone variant H3.3, thus ensuring proper chromatin structure. Notably, 

reduced incorporation of H3.3 by the absence of DAXX has been reported to increase 

RNA:DNA hybrids [353], reinforcing our working hypothesis. Together, these changings 

might strongly impact on chromatin structure, resulting in its destabilization, possibly 

leading to DNA damage and genomic instability. 

  

Figure 7. SFPQ recruits DAXX at telomere and centromeres, mediating proper H3.3 deposition  

A) Left, IF representative images of DAXX-TRF2 co-stained U-2 OS cells silenced for SFPQ. Right, 

average number of DAXX-TRF2 colocalization events per nucleus under reported silencing conditions. B) 

Left, IF representative images of DAXX-CREST co-stained U-2 OS cells silenced for SFPQ. Right,  

average number of DAXX-CREST colocalization events per nucleus under reported silencing conditions. 

C) Left, IF representative images of SFPQ-TRF2 co-stained U-2 OS cells for DAXX. Right, average 

number of SFPQ-TRF2 colocalization events per nucleus under reported silencing conditions. D) Left, IF 

representative images of SFPQ-CREST co-stained U-2 OS cells silenced for DAXX. Right,  average 

number of SFPQ-CREST colocalization events per nucleus under reported silencing conditions. E) ChIP-

qPCR experiment amplifying telomeric and centromeric regions was performed in U-2 OS cells silenced 

for SFPQ and immunoprecipitated for DAXX, H3 and H3.3. IF data show means ± SEM of four biological 

replicates for a total of 90 nuclei. RT-PCR data show means ± SEM of three biological replicates. Student 

t-test was used to calculate statistical significance. 
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4.2 SFPQ suppresses replication stress at repetitive elements  

4.2.1 SFPQ directs DAXX dependent H3.3 chaperon activity at 

repetitive regions  

We then investigated whether SFPQ may act on the genome-wide level, directing DAXX 

to different types of non-coding, repetitive regions (supported by the fact that DAXX has 

been identified as H3.3 histone chaperon at these sites [197], [198], [201], [313]). 

To investigate whether SFPQ has an actual effect on regulating repetitive regions genome 

wide, we took advantage of commercially available COT-1 DNA, a mixture of DNA 

fragments composed of repetitive regions of the human genome (comprising Alu and 

LINE sequences) to generate fluorescent labelled FISH probes. 

We performed COT-1 RNA-FISH combined with immunofluorescence (IF RNA-FISH) 

using SFPQ or  RNaseH1 knock-down U-2 OS cells. RNaseH1 was previously shown to 

suppress R-loops at repetitive DNA [8], [46], [252], [312], [354].  

The experiment showed a substantial increase in COT-1 staining intensity as well as 

number of COT-1 foci per nucleus, together indicating an increase in repetitive elements 

increase transcription upon SFPQ depletion (Figure 8A). Moreover, an increased number 

of colocalization events of COT-1 RNAs with the replication stress marker pATR were 

detected, indicative for the presence of replication stress at repeats, presumably due to 

increased R-loop levels (Figure 8A). Finally, knock-down of RNaseH1 increases SFPQ 

localization at COT-1 sites, suggesting a SFPQ recruitment to these sites in order to call 

for DAXX activity (Figure 8B). 

To confirm of increased transcription of COT-1 DNA labelling (i.e. repetitive regions) in 

RNaseH1 or SFPQ loss of function cells, Realtime PCR experiments were conducted. 

After 72 hours of transient knock-down for SFPQ or RNaseH1, U-2 OS cells were 

harvested and total RNA was extracted. RT-PCR experiment revealed a slight, yet 

significant increase in Alu, LINE, pericentromeric SatIII and Telomeric transcripts upon 

loss of SFPQ (Figure 8C). This experiment pointed out the ability of SFPQ in suppressing 

repetitive regions transcription to suppress replication stress at repetitive elements. 
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Figure 8. SFPQ prevents replication stress due to unscheduled transcription of repetitive regions   

A) Left, representative images of pATR/Cot-1 IF RNA-FISH performed in U-2 OS cells transiently 

transfected with reported siRNAs. Right top, quantification of Cot-1 signals intensity and percentage of total 

number of Cot-1 foci per nucleus under reported silencing conditions. Right bottom, quantification of 

pATR/Cot-1 colocalization events per nucleus under reported silencing conditions. B) Up, representative 

images of SFPQ/Cot-1 IF RNA-FISH performed in U-2 OS cells transiently transfected with reported 

siRNAs. Down, quantification of SFPQ/Cot-1 colocalization events per nucleus under reported silencing 

conditions. C) Gene expression of indicated repetitive regions transcripts under reported silencing conditions 

determined by RT-qPCR. D) WB experiment blotting RNaseH1 under reported silencing conditions. IF RNA 

FISH data show means ± SEM of four biological replicates for a total of 90 nuclei. Arrowheads indicate co-

localization events. RT-PCR data show means ± SEM of three biological replicates. Student t-test was used 

to calculate statistical significance.  

 

 

 

U2-OS 

P-ATR COT-1 Merge 
s
iC

o
n
tr

o
l 

s
iS

F
P

Q
 

s
iR

N
a
s
e
H

1
 

p
=

0
.0

0
3
2

 

p
=

0
.0

0
1
1

 

N
u
m

b
e
r 

o
f 
c
o
lo

c
a
liz

a
ti
o

n
s
 

p
e
r 

n
u
c
le

u
s
 

siControl 

siSFPQ 

siRNaseH1 

3 

1 

2 

p
=

0
.0

0
2
1
 

p
=

0
.0

0
1
4
 

N
° 

o
f 
C

O
T

-1
 f

o
c
i 
p
e
r 

n
u
c
le

u
s
 

20 

80 

60 

40 

120000 

p
<

0
.0

0
0
1

 

p
<

0
.0

0
0
1

 

C
O

T
-1

 i
n

te
n
s
it
y
 (

a
rb

it
ra

ry
 u

n
it
) 

20000 

80000 

10000 

Telomere 

p
=

0
.0

0
2

9
 

6 

p
=

0
.0

1
3

5
 

R
T

-P
C

R
 F

o
ld

 o
n
 C

o
n
tr

o
l 

2 

4 

AluS 

p
=

0
.0

2
0

1
 

2 

p
=

0
.0

0
4

3
 

R
T

-P
C

R
 F

o
ld

 o
n
 C

o
n
tr

o
l 

0.5 

1 

1.5 

Sat III 

p
=

0
.0

1
7

8
 

8 

p
=

0
.0

0
5

7
 

R
T

-P
C

R
 F

o
ld

 o
n
 C

o
n
tr

o
l 

4 

2 

6 

LINE 1 

p
=

0
.0

1
3

0
 

1.5 

p
=

0
.0

1
7

0
 

R
T

-P
C

R
 F

o
ld

 o
n
 C

o
n
tr

o
l 

0.5 

1 

s
iC

o
n
tr

o
l 

s
iR

N
a
s
e
H

1
 

DAPI SFPQ COT-1 Merge 

A
v
e
ra

g
e
 n

u
m

b
e
r 

o
f 
S

F
P

Q
-C

O
T

-1
 

c
o
lo

c
a
liz

a
ti
o

n
 e

v
e
n
ts

 p
e
r 

n
u
c
le

u
s
 

p=0.0353 

5 

20 

10 

15 

siControl 

siRNaseH1 

 

B 

C C C 

B 

D 

A 



58 
 

It still remains to be uncovered whether DAXX can also be directed at repetitive regions, 

and to determine which regions are actually bound by the SFPQ-DAXX proteins. 

To address this question, a ChIP-seq experiment was conducted. U-2 OS cells transiently 

transfected with Si-Control or Si-SFPQ and samples were immunoprecipitated using anti-

SFPQ and anti-DAXX antibody, followed by Illumina massive parallel sequencing 

(Figure 9A). 

SFPQ and DAXX strongly co-localize in control condition, binding to non-coding regions, 

mostly enriched for ALU and LINE elements, satellite repeats, and repeats elements 

(Figure 9B left and centre). Strikingly, upon depletion of SFPQ, DAXX localization at 

these sites was reduced (Figure 9B, right), indicating that SFPQ is mediating DAXX 

localization at non-coding, repetitive elements genome-wide. 

  

A 
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  SFPQ-DAXX  
common regions 

DAXX specific binding regions 

in control condition 

DAXX specific binding regions 

upon SFPQ silencing 

Intergenic 
Intronic 
Promoter-TSS 
Other coding 

Figure 9. ChIP-seq experiment identify SFPQ-DAXX binding sites  

A) Genome browser snapshot showing SFPQ and DAXX peaks, in control and siSFPQ conditions. B) 

Pie chart showing SFPQ-DAXX common binding sites (left), DAXX specific binding sites in control 

condition (centre), and DAXX binding sites upon loss of SFPQ (right). ChIP-seq experiment was 

performed in duplicate. 

 

B 



60 
 

To validate ChIP-seq experiment, ChIP-qPCR was performed using primers amplifying 

classic repetitive regions, comprising centromeres (αsat SatII and SatIII), pericentromeric 

repeats, subtelomere, Alu and LINE repeats. Two additional regions, SYCP2 and PD3A, 

are used as positive control regions, as they have been reported as DAXX or SFPQ target 

sites, respectively. As expected, upon loss of SFPQ both DAXX and H3.3, but not total 

H3, were strongly decreased at all type of repetitive elements (Figure 10A). As a control, 

SFPQ immunoprecipitation upon its silencing revealed a decrease in its occupancy at 

reported loci, indicative of an actual occupancy reduction upon silencing (Figure 10B). 

This data confirm our hypothesis that SFPQ is able to direct DAXX and mediates H3.3 

deposition at repetitive regions at the genome-wide level.  

Figure 10. SFPQ mediates DAXX localization and H3.3 deposition at repetitive regions genome-wide  

A) ChIP-qPCR experiment amplifying indicated repetitive regions was performed in U-2 OS cells silenced 

for SFPQ and immunoprecipitated for DAXX, H3, and H3.3. B) ChIP-qPCR experiment amplifying 

indicated repetitive regions was performed in U-2 OS cells silenced for SFPQ and immunoprecipitated for 

SFPQ itself, as positive control for its delocalisation. RT-PCR data show means ± SEM of three biological 

replicates. Student t-test was used to calculate statistical significance.  
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4.2.2 SFPQ and DAXX prevent replication stress and DNA damage by 

suppressing R-loop at repetitive regions 

 

We have previously demonstrated that SFPQ act as potent strong R-loop suppressor at 

telomeres.  DAXX, in collaboration with ATRX, can resolve R-loops, thus ensuring proper 

nucleosome architecture, at telomeres [201], [208]. To test whether SFPQ mediated 

DAXX localisation at telomeres and other repetitive regions results in R-loop suppression,  

DRIP followed by qPCR assay was performed. U-2 OS cells depleted for SFPQ for 72 

hours, were lysed, genomic DNA containing R-loops was purified and sonicated to obtain 

300-800 bp fragments. Immunoprecipitation was carried out using S9.6 antibody. 

Negative control samples were treated with recombinant RNaseH1 overnight prior 

immunoprecipitation, as RNaseH1 treatment degrades RNA:DNA hybrids, thus allowing 

to distinguish between specific or aspecific precipitated regions. Immunoprecipitated 

DNA was analysed through qPCR, amplifying repetitive region reported above. 

DRIP-qPCR revealed that loss of SFPQ causes a strong increase in R-loops at  repetitive 

regions, comprising telomeres, (peri)centromeres and transposable elements (Alu, LINE) 

(Figure 11A). This indicates that SFPQ suppresses R-loop not only at telomeres, but also 

at diverse types of repetitive elements. This finding is in line with reports linking 

DAXX/ATRX mutation or H3.3 impaired incorporation to ALT phenotype, increased G-

quadruplex  and increased R-loop levels [205], [208], [213], [214], [353]. 

Unscheduled R-loop are known to cause transcription-replication collision, replication 

stress, and DNA damage, ultimately leading to genome instability [64], [66], [77], [84], 

[86], [312], [355]. 

To test whether loss of SFPQ causes these unfavourable conditions, ChIP-qPCR 

experiment was performed, using antibody specific for RPA32, ATR, γH2AX, RAD51, 

and FANCD2. RPA32, ATR and γH2AX are proteins involved in sensing and signalling 

ssDNA (both derived from the displaced strand of R-loops and DNA damage), leading to 

cell cycle arrest and cell death[90], [93], [142], [356]–[358]. RAD51 and FANCD2, by 

contrast, have a strong role in DNA damage repair, being involved in  DNA strand invasion 

during HR the first, and in replication stress resolution and R-loop suppression the latter 

[176], [180], [232], [298], [359]–[363]. 

ChIP-qPCR analysis revealed increased levels of all proteins of interest at all repeat 

element tested under loss of SFPQ, indication that SFPQ is a potent suppressor of R-loop 

mediating genomic stability (Figure 11B). 
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All together our experiments highlight the role of SFPQ in recruiting DAXX at repetitive 

region genome-wide to suppress R-loop, as depicted from DRIP-qPCR experiment under 

loss of SFPQ condition. Moreover, R-loop prevention by the complex maintains genome 

integrity by preventing DNA damage and HR, as shown from the latter ChIP-qPCR essay. 

Therefore, SFPQ and DAXX are important for R-loop suppression, mediating proper 

chromatin status by H3.3 incorporation, avoiding DNA damage and excessive 

recombination events, promoting genome stability. 

To validate our work model, according to which SFPQ senses R-loops to recruit DAXX  

at repetitive elements, a ChIP experiment using chromatin from DAXX depleted U-2 OS 

cells was performed, revealing a strong increase in SFPQ occupancy of telomeric repeats, 

and other non-coding, repetitive regions (Figure 11C). This is paralleled by a decrease in 

H3.3 deposition, as expected by a reduction of DAXX expression [195], [198]. 

Surprisingly, also total H3 levels changed upon silencing of DAXX, suggesting that loss 

of DAXX causes a more severe overall defect in chromatin structure.  

Overall, these experiments provides new evidence for SFPQ centrality in directing DAXX 

at repetitive elements. In particular SFPQ increases at reported sites underlines a role for 

SFPQ in responding to increased R-loop accumulation. 

 

Figure 11. SFPQ prevents replication stress, DNA damage, and harmful recombination at repetitive 

elements  

A) DRIP-qPCR experiment amplifying indicated repetitive regions was performed in U-2 OS cells silenced 

for SFPQ (left) or RNaseH1 (right) B) ChIP-qPCR experiments amplifying indicated repetitive regions was 

performed in U-2 OS cells silenced for SFPQ and immunoprecipitated using DNA damage markers (RPA32, 

ATR, γH2AX) and HR (RAD51, FANCD2) antibodies. C) Validating ChIP-qPCR experiment amplifying 

indicated repetitive regions was performed in U-2 OS cells silenced for DAXX and immunoprecipitated for 

SFPQ, H3, and H3.3. RT-PCR data show means ± SEM of three biological replicates. Student t-test was 

used to calculate statistical significance.  
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4.2.3 R-loop drive SFPQ-DAXX recruitment at telomere 

To prove that the increase in R-loops level is detected by SFPQ that successfully calls 

DAXX chaperon activity, we transiently knock-down RNaseH1. This is reported to 

increase overall R-loop levels, thus allowing us to follow SFPQ and DAXX recruitment. 

We used anti-SFPQ or anti-DAXX antibody in combination with anti-TRF2 antibody, in 

order to evaluate the colocalization events of these proteins with telomeric repeats, known 

spot for R-loops formation. As depicted from Figure 12A and 12B, silencing of RNaseH1 

causes a strong increase in both SFPQ and DAXX localisation at telomeres, indicating that 

the augmented R-loops might recruit SFPQ and DAXX for their accumulation. To 

strengthen our result, ChIP-qPCR experiment upon loss of RNaseH1 was performed, 

immunoprecipitating SFPQ, DAXX, H3 and H3.3. Telomeric occupancy of each factor 

was increased upon removal of RNaseH1 (Figure 12C), indicating that the R-loop 

increase is responsible for factors accumulation and action at telomeres. Altogether, these 

results indicate that R-loop accumulation cause SFPQ and DAXX localization at telomers, 

mediating insertion of H3.3 histone variant. 

 

 

 

 

 

 

 

 

 

 

 

 



65 
 

 

 

 

 

 

  

Figure 12. SFPQ is recruited by R-loop at telomeric regions 

A) Left, IF representative images of SFPQ-TRF2 co-stained U-2 OS cells silenced for RNaseH1. Right, 

average number of SFPQ-TRF2 colocalization events per nucleus under reported silencing conditions. B) Left, 

IF representative images of DAXX-TRF2 co-stained U-2 OS cells silenced for RNaseH1. Right, average 

number of DAXX-TRF2 colocalization events per nucleus under reported silencing conditions. C) ChIP-

qPCR experiments amplifying telomeric repeats was performed in U-2 OS cells silenced for RNaseH1 and 

immunoprecipitated anti-DAXX, SFPQ, H3, H3.3 antibodies. IF data show means ± SEM of four biological 

replicates for a total of 90 nuclei. RT-PCR data show means ± SEM of three biological replicates. Student t-

test was used to calculate statistical significance. Arrowheads indicate co-localization events. 
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4.3 Mapping of SFPQ domains interacting with DAXX 

4.3.1 SFPQ deletion mutants revealed the proline-rich domain as the 

one involved in DAXX recruitment 

 

SFPQ is known to interacts with many different binding partner (such as NONO, 

PSFPC1,SRSF2) to correctly carry out RNA splicing, gene regulation and R-loop 

suppression [227], [364], [365].  

To better characterize SFPQ-DAXX interaction, we wanted to investigate with SFPQ 

domain is biochemically able to bind DAXX. To this extent, a series of SFPQ deletion 

mutants (Δ) were generated and cloned into expression vector. In addition, a patient 

derived non-frameshift mutation located on the P domain (a trinucleotide insertion into a 

previous existing codon that leads to T150delinsKP, named SFPQ nFS) [366] was 

generated by site specific mutagenesis (Figure 13A). 

DAXX co-immunoprecipitations were performed to identify domain(s) crucial for DAXX 

interaction. U-2 OS cells were co-transfected with HA-DAXX and each Myc-SFPQ 

mutant. 48 hours post transfection cells were lysed and anti-Myc immunoprecipitation was 

performed. 

We found that DAXX was able to co-immunoprecipitate with the majority of mutants, 

except constructs lacking a portion of the N terminus region. More detailed mapping 

identified the proline riche P domain as essential for DAXX binding. Remarkably, the 

patient derived mutant SFPQ version (nFS) is no longer able to bind DAXX. All together 

these finding indicate that the P domain is responsible for SFPQ-DAXX interaction 

(Figure 13B). 
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Figure 13. SFPQ-DAXX interaction is mediated by the P domain  

A) Schematic representation of SFPQ deletion mutants. B) Co-immunoprecipitation experiments, 

immunoprecipitating Myc-tagged SFPQ mutants, blotting for SFPQ and DAXX. Overexpressed proteins 

are indicate on top of the blot. 
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4.3.2 P-domain is essential for the suppression of replication stress  

To fully confirm a functional relevance of the P-domain in suppressing replication stress, 

we generated U-2 OS cell lines stably expressing Myc-tagged SFPQ deletion mutants.  

We next took advantage of a specific SiRNA targeting the 5’ UTR of SFPQ to knockdown 

the endogenous SFPQ without affecting the expression of the exogenous, mutated SFPQ. 

By using this system, two functional experiments were conducted to evaluate the impact 

of the mutated version of SFPQ. 

First, an immunofluorescence experiment was performed staining cells with anti-Myc and 

anti-pATR specific antibodies. As depicted in Figure 14, after transient knock-down of 

endogenous SFPQ silencing, FL SFPQ was able to counteract the loss of the endogenous 

protein, avoiding activation of pATR. By contrast, ΔN, ΔP and nFS cells showed strong 

pATR activation upon depletion of endogenous SFPQ. This indicates that SFPQ with an 

impaired P-domain function is not able to suppress pATR activation, presumably due to a 

loss in its capacity to bind DAXX. 

Notably, ΔP and nFS cells showed pATR activation also in control condition, suggesting 

that these SFPQ mutants may have dominant negative function. This underlines the 

relevance of the P domain in the suppression of replication stress. 

 

4.3.3 The P-domain is important to direct DAXX localization 

To demonstrate that the P-domain is central to control DAXX function, a second 

immunofluorescence experiment using U-2 OS cells stably expressing SFPQ mutants was 

performed . After depletion of endogenous SFPQ, cells were stained with  anti-Myc and 

anti-DAXX antibodies. We found that silencing of the endogenous SFPQ causes DAXX 

delocalisation in U-2 OS cells stably expressing ΔN, ΔP and nFS mutants (Figure 15). 

This result recapitulates delocalization of DAXX observed upon depletion of SFPQ (see 

Figure 7A) and indicates that the P-domain is fundamental for proper DAXX interaction. 
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  Figure 14. SFPQ lacking the P domain is not able to rescue the loss of the endogenous one 

Top, IF representative images of Myc-pATR co-stained U-2 OS cells expressing different SFPQ deletion mutants 

(Δ) silenced for endogenous SPFQ. Bottom, average pATR signals intensity under reported silencing conditions. In 

black, p values of each endogenous SFPQ silenced mutant cell line with respect to its own control. In red, p values 

of endogenous SFPQ silenced mutant cell lines with respect to SiControl pCDNA cells. Data show means ± SEM 

of four biological replicates for a total of 90 nuclei. Student t-test was used to calculate statistical significance.  
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Figure 15. SFPQ lacking the P domain causes DAXX delocalization upon loss of the endogenous one 

Top, IF representative images of Myc-DAXX co-stained U-2 OS cells expressing different SFPQ deletion 

mutants (Δ) silenced for endogenous SPFQ. Bottom, WB analysis to verify silencing of endogenous SFPQ. 

Endogenous SFPQ was detected using a SFPQ specific antibody; Myc-tagged deletion mutant were detected 

using a Myc-tag antibody. l.e. stands for long exposure. s.e. stands for short exposure. 
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Finally, to highlight the relevance of the P domain in mediating SFPQ-DAXX interaction, 

we generated expression constructs encoding a Myc-tagged wildtype or mutated P-domain 

fused to GFP. Localization of the fusion protein to the nucleus was directed by a NLS 

signal into the fusion protein. 

U-2 OS cells were co-transfected with GFP-P dom/ GFP-P dom nFS and HA-DAXX and, 

upon 48 h of transfection, co-immunoprecipitation assay was performed using either anti-

Myc or anti-HA antibodies. Western blot analysis revealed that, while the WT GFP-P dom 

was able to strongly bind DAXX, the P dom nFS presented decreased interaction with the 

protein, strengthening previous results (Figure 16). 

All together, these experiments provided clear evidenced for the P domain mediated 

SFPQ-DAXX interaction, as mutant SFPQ lacking this domain, or harbouring a mutation 

on it, was not able to bind DAXX anymore. Moreover, cells expressing these mutants 

presented delocalised DAXX and activated pATR, symptoms of non-functional SFPQ-

DAXX interaction, localization and function. Lastly, the P domain alone, but not its 

mutated version, was able to directly bind DAXX protein, thus confirming its centrality in 

the complex formation. 

Figure 16. The P domain alone is sufficient to co-immunoprecipitate DAXX  

A) Schematic representation of cloned P domain constructs. B) U-2 OS cells were co-transfected 

with HA-DAXX and GFP-P dom-Myc, its mutated version P dom nFS, or an empty GFP-Myc 

expression vector and immunoprecipitated using anti-HA (top) or anti-Myc (bottom) antibody. 

Membranes were stained using anti-HA and anti-Myc antibody. Input 20 µg. Membrane was stained 

using anti-Myc or HA tag antibodies. 
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4.4 Loss of SFPQ causes activation of interferon and inflammation 

response through the cGAS-STING pathway  

 

4.4.1 RNA-seq revealed activation of antiviral response and innate 

immunity pathways upon SFPQ depletion 

 

To fully characterize the impact of the loss of SFPQ on the cell physiology, an RNA-seq 

experiment was conducted to detect gene expression alterations after SFPQ depletion.  

SFPQ was transiently knock-down and total RNA was extracted 72 hours post-

transfection. 

Differentially regulated genes (DEG) analysis with log fold change (FC) of >1.5 and a P 

value < 0.05 revealed a total of 2431 modulated genes, 1268 upregulated and 1163 

downregulated, indicative of a robust response of the cells to the loss of SFPQ. In support 

of this, heatmap representation of DEGs showed a clear division between control and 

silenced conditions, with a striking opposite trend in the two reported conditions (Figure 

17A). A principal component analysis (PCA) confirmed aforementioned results, 

positioning control and silenced samples away from each other, but clustered together 

within the single group, indicating similarity of replicates, and differences between 

conditions (Figure 17B). Moreover, volcano plot representation of DEGs strengthened 

previously obtained results, showing numerous genes with differential expression upon 

SFPQ knock-down, both in terms of upregulation and downregulation (Figure 17C).  

To understand the biological response of U-2 OS cells to the loss of SFPQ, a  

GeneOntology (GO) pathway enrichment analysis was performed. Balloon plot 

representations (Figure 17D) showing top 25 up-regulated pathways revealed enriched 

biological terms related to cytokine activity, innate immunity and response to virus. This 

indicates indicating that loss of SFPQ programs gene expression towards inflammatory 

and immune response. Genes belonging to the top 5 up-regulated pathway are shown in 

Figure 17E as a network exhibiting interactions between them. 
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Figure 17. RNA-seq experiment revealed great difference between the control and loss of SFPQ 

condition, indicating activation of immune response and viral defence.  

A) Heat map, B) PCA analysis and C) Volcano plot showing DEG in loss of SFPQ compared to control U-

2 OS cells. D) Balloon plot showing top 25 upregulated pathways in loss of SFPQ compared to control U-

2 OS cells. E) network representation of the top 25 upregulated genes in loss SFPQ condition, indicating 

their reciprocal connection and specific pathway membership. Log FC>1.5, p<0.05. Three independent 

replicates were analysed per condition. 
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4.4.2 Loss of SFPQ triggers activation of the cGAS-STING-IRF3 

pathway in cancer cells 
 

Viral infections activate innate immunity pathway thorough viral cytosolic DNA sensed 

by the cGAS-STING pathway [336], [337]. The dsDNA binding protein cGAS is known 

to bind to cytosolic DNA that can originate from different sources, ranging from pathogen 

to cell-derived DNA, such as mitochondrial DNA or genomic DNA. In particular, 

micronuclei (MN) originated by exacerbated genomic instability has been demonstrated 

to strongly activate cGAS and the downstream pathways, leading to the activation of 

interferon stimulated genes (ISG) and NF-kB mediated inflammation [346], [350], [367].  

Hence, we wanted to test whether loss of SFPQ may causes accumulation of micronuclei 

that lead to activation of the cGAS-STING pathway.  

First, we investigate the impact of the loss of SFPQ on the genomic stability, known source 

of cytoplasmatic DNA [105]. Chromosomal studies were conducted to evaluate the 

macroscopic effects of unproper R-loop resolution by analysing mitotic chromosome 

structure defects, as SFPQ has been described to have a role in chromosome architecture 

[219]. Indeed, we found that  loss of SFPQ caused increased number of recombination 

events and chromosome breaks in Giemsa stained metaphase chromosomes spreads of U-

2 OS, thus confirming a genomic stability protecting function of SFPQ (P. Veneziano 

Broccia, unpublished work).  

We have previously demonstrated that SFPQ prevents pATR activation, DNA damage, 

and recombination at telomeres of metaphase chromosomes [227]. Along with acting at 

telomeres, SFPQ and DAXX work also at centromere, as described in section 4.1.3. Recent 

work demonstrated that the R-loop driven, ATR-Chk1-AurB pathway is essential for 

faithful chromosome segregation, as an increase in ATR activation causes DNA damage 

and mitotic defects [103]. 

As loss of SFPQ causes increased R-loop levels and subsequent over-activation of ATR, 

we decided to test whether cells lacking SFPQ present increased R-loop activated 

pathways at centromeres, providing novel evidence for SFPQ function in controlling 

chromosome segregation in an R-loop mediated manner. 

We decided to perform immunofluorescence on metaphase chromosomes spreads of U-2 

OS cells silenced for SFPQ or RNaseH1, used ad positive control. After 72 hours of 

silencing, cells were treated with Colcemid (200 µg/µl), metaphase cells were harvested, 

splashed by the use of a cytospin and immunofluorescence was performed by using 

CREST antibody combined with anti-pATR(Thr1989) or anti-pRPA32Ser33. 
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Upon loss of SFPQ, an increased localisation of pATR at the pericentromere (adjacent to 

CREST centromere signal) was detected (Figure 18A), as well as an increased pRPA32 

colocalization with the centromere (Figure 18B), thus indicating over-activation of the 

ATR signalling pathway. As the S9.6 antibody was unsuccessful in detecting R-loop on 

metaphase chromosomes, we decided to perform an IF RNA-FISH on metaphase spreads 

combining CREST antibody and a SatIID pericentromeric probe, using U-2 OS cells as in 

the previous experiment. As expected, an increased signal of pericentromeric transcripts 

was detected upon silencing of SFPQ (Figure 18C). 

Altogether, these findings provide strong evidence for SFPQ protecting genomic 

instability by suppressing unscheduled R-loop at (peri)centromeres, protecting the cell 

from unproper ATR activation, allowing faithful chromosome segregation.  
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Figure 18. SFPQ suppresses unproper R-loop – ATR signalling to ensure chromosome stability  

A)  Up, IF representative images of pATR-CREST co-stained U-2 OS cells metaphase spread silenced with 

indicated SiRNAs. Down, percentage of pATR localization at pericentromeric (near CREST) measured as 

the percentage of p-ATR signal per number of chromosome in one metaphase, under reported silencing 

conditions. B)  Up, IF representative images of pRPA32-CREST co-stained U-2 OS cells metaphase spread 

silenced with indicated SiRNAs. Down, quantification of diffuse p-RPA32Ser33 frequency on mitotic 

chromosomes,  measured as the percentage of p-RPA32Ser33 signal per number of chromosome in one 

metaphase, under reported silencing conditions. C)  Up, IF RNA-FISH representative images of Sat2D 

probe-CREST co-stained U-2 OS cells metaphase spread silenced with indicated SiRNAs. Down, 

quantification Sat2D intensity levels per metaphase chromosome, under reported silencing conditions. Data 

show means ± SEM of three biological replicates, for a minimum of 30 metaphase and 500 chromosomes. 

Student t-test was used to calculate statistical significance. Arrowheads indicate co-localization events. 
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We then investigated micronuclei formation upon SFPQ knock-down U-2 OS cell, by 

staining them with DAPI and inspected by fluorescence microscopy to individuate the 

presence of micronuclei located in the cytoplasm. 

SFPQ removal caused a strong increase in the number of micronuclei compared to the 

control condition (Figure 19A). This is consistent with previous results showing that loss 

of SFPQ causes increased R-loop levels, activation of DNA damage markers and increased 

recruitment of HR proteins at repetitive regions, indicative of genomic instability onset, 

presumably leading to micronuclei formation. 

We next wanted to test whether the increased number of micronuclei was paralleled by 

increased cGAS activation. To test this hypothesis, immunofluorescence analysis on U-2 

OS cells silenced for SPFQ was performed using anti-cGAS antibody, and the number of 

cGAS positive micronuclei was counted. As expected, cells silenced for SFPQ showed a 

strong increased in the percentage of cGAS positive micronuclei compared the control 

ones, indicating the activation of the cGAS-STING pathway (Figure 19B). 

We earlier demonstrated that SFPQ is protecting repetitive regions from harmful R-loop 

formation and DNA damage. We thus hypothesised that, when removing SFPQ from cells, 

repetitive regions should be more prone to damage accumulation and rupture, thus being 

over-represented in micronuclei. To prove this, we performed an immunofluorescence 

combined with DNA-FISH (IF DNA-FISH), using anti-TRF2 and anti-CREST antibody, 

as well as a PNA FISH probe for SatII sequences, that allow the localization of telomeres, 

centromeres and pericentromeres, respectively. U 2-OS cells were transiently transfected 

with control or SFPQ targeting SiRNA. 72 hours post-transfection, cells were fixed and 

the immunofluorescence experiment, followed by DNA-FISH was performed. We then 

inspected DAPI visible micronuclei for the presence or absence of signals from the desired 

regions. We found that cells lacking SFPQ presented a greater number of micronuclei 

enriched for telomeric, centromeric and pericentromeric regions (Figure 19C), reinforcing 

the idea that SFPQ is important to prevent repetitive sequences rupture, thus protecting 

genomic integrity. 
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Figure 19. Silencing of SFPQ causes micronuclei formation and cGAS activation  

A) Left, representative images of DAPI stained U-2 OS cells silenced for SFPQ or DAXX. Right, 

percentage of micronuclei (MN) positive cells. Part of experiment shown in Figure 19A. B) Top, IF 

representative images of anti-cGAS stained U-2 OS cells silenced for SFPQ or DAXX. Bottom, percentage 

of MN positive cells. C) Representative imagines and quantification of the number of MN containing 

stained genomic regions of U-2 OS cells silenced for SFPQ, stained for CREST (centromere, IF, top), SatIID 

(pericentromere, DNA FISH, middle), and TRF2 (telomere, IF, bottom). Data show means ± SEM of three 

biological replicates for a total of 90 nuclei. Student t-test was used to calculate statistical significance.  
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To confirm that cGAS activation of downstream signalling events occurs via STING we 

monitored expression and activation of IRF3 and NF-kB transcription factors [336], [337], 

[368]. 

We firstly inspected by immunofluorescence the activation of IRF3 by staining cells with 

an antibody specifically recognising its phosphorylated form (pIRF3 S396), known to be 

sufficient to activate downstream signalling [336], [337]. U-2 OS cells knocked down for 

either SFPQ or DAXX showed enriched pIRF3 signal compared to the control (Figure 

20A), confirming activation of the transcription factor. In parallel, the same experiment 

was carried out using an antibody recognising total IRF3. Again, increased levels of total 

protein were detected in silenced cells, reinforcing previous results (Figure 20B).  

Moreover, western blot analysis revealed the activation of the other branch of STING 

signalling, driven by NF-kB. Silencing of SFPQ triggered strong increase in p-p65, a core 

component of the NF-kB complex, p-IKBα, transcriptional target of NF-kB, and p-

STAT3, a critical transcription factor involved in response to inflammatory stimuli 

(Figure 20C), indicating activation also of this axis. p-ATR was shown as control for loss 

of SFPQ mediated replication stress marker.  

We repeated the immunofluorescence experiment staining two other cell lines (H1299 and 

OVCAR2) using an anti-pIRF3 antibody. Upon loss of SFPQ IRF3 phosphorylation 

increased, indicating that the pathway activation is a cell-independent, common feature 

(Figure 20D).  
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Figure 20. Silencing of SFPQ causes activation of pIRF3  

A) Left, IF representative images of pIRF3 stained U-2 OS cells silenced for SFPQ or DAXX. Right, 

average pIRF3 intensity levels  under silencing conditions. B) IF representative images of  total IRF3 stained 

U-2 OS cells silenced for SFPQ or DAXX. C) WB analysis (left) and relative quantification (right) of NF-

kB inflammatory pathway in U-2 OS cells silenced for SFPQ. D) Validating IF representative images of 

pIRF3 stained OVCAR4 (top) or H1299 (bottom) cells silenced for SFPQ. IF data show means ± SEM of 

four biological replicates for a total of 90 nuclei. WB data show means ± SEM of three biological replicates. 

Student t-test was used to calculate statistical significance. 
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We next used Real-Time PCR experiment to evaluate the activation of IRF3 and NF-kB 

target genes. It has been reported that IRF3 activates CCL5, CXCL10 and IFNβ gene 

expression, that in turn will activate ISGs (DDX60, IFIT1 and IFI44). By contrast, NF-kB 

is known to activate interleukin production (e.g. IL6, IL8, IL12, IL23). 

RT-PCR experiment confirmed that, upon loss of SFPQ, the majority of the genes analysed 

resulted up-regulated (with the exception of IL6 and IL23), validating simultaneously both 

RNA-seq analysis and activation of the pathways (Figure 21A). 

Of note, loss of  DAXX condition didn’t recapitulate what observed under SFPQ knock-

down (Figure 21B). Western blot analysis showed that, upon loss of DAXX, pSTAT3 

levels didn’t change (Figure 21C). This indicates that, even if the upstream phenotype are 

shared by SFPQ and DAXX knock-down conditions (increased R-loops formation, 

micronuclei number, and IRF3 phosphorylation), the downstream transcriptional 

landscape seems to vary between the two conditions, suggesting DAXX involved in signal 

transduction, thus SFPQ as the most promising target to activate a potent inflammatory 

response.  

We repeated the Real-time experiment in SFPQ knock-down OVCAR4 and H1299 cell 

lines. Upon loss of SFPQ both cell lines activated innate immune signalling resembling 

what observed in U-2 OS, but pointing out interesting differences. Indeed, ovarian cancer 

cells showed a strong interferon response and a drastic increase in IL6, in opposite 

directions with osteosarcoma, yet a negligible up-regulation of cGAS-STING components. 

By contrast, lung cancer cells shows a mild activation of interferon and inflammation, not 

even reaching a 2 fold increase, with the exception of CXCL10, which is actually down-

regulated (Figure 21D).  

Together, this results confirmed the cell independent activation of SFPQ in preventing 

cGAS-sTING-IRF3 pathway activation, but pointed out the cell dependency of the 

inflammatory response upon its loss, suggesting that in different contexts SFPQ removal 

might result in different outcomes and proposing osteosarcoma as the most effective in 

terms of desired response. 
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Figure 21. SFPQ prevents activation of innate immunity and interferon genes in different cell lines 

A) Gene expression of indicated inflammatory genes transcripts under reported silencing of SFPQ 

determined by RT-qPCR. CCL5 enrichment is reported as arbitrary unit as no signal was detectable in 

control condition B) Gene expression of indicated interferon genes transcripts under reported silencing of 

DAXX determined by RT-qPCR. C) WB analysis of STAT3 in U-2 OS cells silenced for DAXX. D) 

Validation experiment of gene expression of indicated inflammatory genes transcripts under reported 

silencing of SFPQ in OVCAR4 (left) and H1299 (right) determined by RT-qPCR. Data show means ± SEM 

of three biological replicates. Student t-test was used to calculate statistical significance.  
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4.4.3 Activation of the cGAS-STING pathway is R-loop dependent 

 

To this end so we showed that loss of SFPQ caused both increased in R-loop and activation 

of the cGAS-STING pathway. We wondered whether unscheduled R-loops mediated by 

silencing of SFPQ are causative for the activation of the cGAS-STING pathway. 

To verify this hypothesis, we took advantage of two U-2 OS cell lines able to express, in 

a doxycycline inducible manner, a mCherry fluorescent protein or a mCherry protein fused 

with RNaseH1 (mCherry-RNH1). RNaseH1 degrades the RNA component of a 

RNA:DNA hybrid, thus resolving R-loops. 

We decided to perform a rescue of phenotype experiment to demonstrate that the removal 

of the R-loops in SFPQ loss of function cells is sufficient to attenuate an innate immune 

response. 

mCherry and mChrry-RNH1 U-2 OS cells were transiently silenced for SFPQ or DAXX 

for 72 hours. 24 h before stopping the experiment (Figure 22A), Doxycycline was added 

to induce expression of the mCherry or mCherry-RNH1 proteins. 

First, we tested whether the system is actually able to suppress R-loop formation and 

downstream signalling (via ATR). SFPQ or DAXX knock-down in mCherry expressing 

cells resulted in increased RNA:DNA hybrid levels and phosphorylation of ATR. In 

contrast, mCherry-RNaseH1 overexpression was able to abrogate R-loop formation and 

ATR phosphorylation in SFPQ or DAXX loss of function cells (Figure 22B and C). Of 

note, overexpression of RNaseH1 in experimental cells did not cause an increase in SFPQ 

or DAXX protein, indicating that the R-loop suppression was not caused by altered SFPQ 

or DAXX levels (Figure 22D). Remarkably, RNaseH1 overexpression was able to rescue 

increased numbers of micronuclei upon loss of SFPQ or DAXX (Figure 22E), consistent 

with current literature [350]. 

We then performed RT-PCR to validate the expression of marker genes for innate 

immunity, that resulted reduced upon knock-down of SFPQ and concomitant expression 

of mCherry-RNH1, when compared to SFPQ knock-down in mCherry cells (Figure 22F). 

This experiment allowed us to identify R-loops as driving force for the activation of innate 

immunity pathways upon removal of SFPQ. 

 



84 
 

  

A 

B 

C 

D 



85 
 

 

  

Figure 22. RNaseH1 overexpression is sufficient to revert innate immunity activation upon silencing 

of  SFPQ  

A) Schematic representation of rescue of phenotype experimental set-up. B) Left, IF representative images 

of pATR stained U-2 OS cells silenced for SFPQ or DAXX upon doxycycline induction. Right, average 

pATR intensity levels per nucleus upon silencing and doxycycline induction. C) Left, IF representative 

images of S9.6 stained U-2 OS cells silenced for SFPQ or DAXX upon doxycycline induction. Right, 

average S9.6 intensity levels per nucleus upon silencing and doxycycline induction. D) Western Blot (left) 

and RT-PCR (right) assays to verify expression levels of indicated proteins under reported silencing 

conditions. E) Left, representative images of DAPI stained U-2 OS cells silenced for SFPQ or DAXX, in 

combination with overexpression of RNaseH1. Right, percentage of micronuclei (MN) positive cells. 

Complete experiment of Figure19 A. F) Gene expression of indicated inflammatory genes transcripts under 

silencing of SFPQ in combination with doxycycline induced RNaseH1 overexpression determined by RT-

qPCR. IF data show means ± SEM of four biological replicates for a total of 90 nuclei. RT-PCR Data show 

means ± SEM of three biological replicates. Student t-test was used to calculate statistical significance.  
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Remarkably, two genes (IL8 and CXCL10) showed divergent regulation in our 

experimental set up related to SFPQ loss of function condition. 

IL8 has been previously reported to be directly regulated by SFPQ in a negative manner 

by binding to its promoter. Thus, removing SPFQ per se may allow IL8 expressions 

bypassing an R-loop dependent regulatory mechanism [239].  

For CXCL10, we hypothesise a possible involvement of a DAXX dependent regulatory 

step . This may explain that silencing of DAXX causes increase in R-loop levels but at the 

same time suppress CXCL10 expression (Figure 21B). Recent studies report that 

CXCL10 is up regulated by activated STAT3 [369]–[371]. We found that loss of SFPQ 

activates STAT3 explaining CXCL10 up-regulation (Figure 20C). In contrast, DAXX 

knock-down does not activate STAT3 (Figure 22E), suggesting a lack of  signal 

transduction required for CXCL10 up-regulation. Whether this action is controlled directly 

or indirectly by DAXX still has to be demonstrated, but this result provides a first line of 

evidence for a possible DAXX-mediated modulation of innate immunity and 

inflammatory response. 

To finally demonstrate the involvement of the cGAS-STING pathway in modulating 

interferon response and immunity genes activation, we decided to take advantage of the 

STING inhibitor H151, reported to prevent STING palmitoylation and clustering, blocking 

its trafficking from the ER to the Golgi apparatus and impeding signal transduction [372], 

[373]. U 2-OS cells, knocked down for SFPQ for 72h, were treated with 2 µM H151 for 

24 h before stopping the experiment (Figure 23A, top). Cells were then fixed and stained 

with anti-pIRF3 antibody, to ensure pathway activation activation. As previously 

described, knock-down of SFPQ causes activation of pIRF3 that, in turn, is rescued by 

H151 mediated STING inhibition, confirming the STING mediated activation of the 

pathway (Figure 23A, bottom). Real-time PCR experiment performed by treating cells 

with H151 STING inhibitor in combination with the knock-down of SFPQ resulted in 

decreased transcription of target genes, indicating that STING signal transduction in 

required for gene activation (Figure 23B) . 

To note, IL8 and STING didn’t followed this trend. However, we have already described 

IL8 transcription regulation as SFPQ dependent but R-loop independent,  indicating that 

concordantly, neither STING is involved in its regulation. STING upregulation, by 

contrast, might be due to a compensatory mechanism acted by the cell to counteract its 

inhibition. 
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Altogether, these results indicate that the inflammatory response caused by the loss of 

SFPQ is actually R-loop dependent and is signalled by STING, thus providing evidences 

for a R-loop mediated activation of the cGAS-STING pathway. 

  

Figure 23. STING inhibition by H151 impairs activation of interferon response upon loss of SFPQ  

A) Top, schematic representation of experimental set-up. Bottom, IF representative images of pIRF3 stained 

U-2 OS cells silenced for SFPQ in combination with 2 µm H151 STING inhibitor treatment. DMSO used 

as negative control. B) Gene expression of indicated inflammatory genes transcripts under silencing of 

SFPQ in combination with H151 STING inhibitor treatment determined by RT-qPCR. Data show means ± 

SEM of three biological replicates. Student t-test was used to calculate statistical significance.  
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4.4.4 SFPQ-DAXX interaction destabilisation recapitulates loss of 

SFPQ phenotypes 

 

A possible therapeutic approach proposed for cancer treatment relies on the usage of little 

molecules (e.g. aptamers) that can disrupt protein-protein interaction, inhibiting 

downstream effects [374]–[376]. 

As a proof of concept for the applicability of this tool to our system, we wanted to 

investigate whether impairing SFPQ-DAXX interaction by using the P-domain can result 

in DAXX tethering, impaired complex functions, and activation of immunity pathways. 

To this extent, U-2 OS cells were transiently transfected with a vector expressing the P-

domain or its mutated version (nFS). 48 hours post transfection, cells were fixed and an 

immunofluorescence was performed, staining cells using I) anti-pATR, II) anti-pIRF3 and 

III) anti-DAXX antibodies. 

Upon overexpression of the P domain, but not its mutated forms, we detected an 

appreciable increase in pATR and pIRF3 levels (Figure 24A, left and centre), 

concomitant with DAXX delocalisation (Figure 24A, right). This confirms a similarity 

between SFPQ silencing and overexpression of the P domain, suggesting  that the P 

domain alone is able to compete with SFPQ for DAXX binding, disrupting their 

interaction and activating downstream signalling. To prove innate immunity activation 

upon P domain overexpression, Real-time experiment was performed in cells 

overexpressing the P domain. As expected, overexpression of the P domain, but not its 

mutated form, resulted in increased transcription of ISGs, resembling loss of SFPQ 

condition. To note, once again CXCL10 didn’t follow the seen trend, supporting the 

hypothesis that its regulation is DAXX dependent, thus differing from the others (Figure 

24B). 

These experiments indicate that P domain overexpression recapitulates loss of SFPQ 

phenotype, postulating the use of interfering molecules for destabilizing  the SPFQ-DAXX 

interaction as a putative therapeutic approach able to indue activation of innate immunity 

and inflammation. 
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Figure 24. P domain overexpression destabilises SFPQ-DAXX interaction, recapitulating loss of 

SFPQ condition  

A) Gene expression of indicated inflammatory genes transcripts upon overexpression of GFP, GFP-P dom 

or its mutated form ( GFP-nFS P dom), determined by RT-qPCR. B) IF representative images of pATR 

(left), DAXX (right) and pIRF3 (bottom) stained U-2 OS cells overexpressing GFP, GFP-P dom or its 

mutated form ( GFP-nFS P dom). Data show means ± SEM of three biological replicates. Student t-test was 

used to calculate statistical significance.  
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4.4.5 Clinical relevance of impairing SFPQ function in sarcoma 

Performed experiments provide strong evidence for SFPQ-DAXX interaction 

destabilization as putative therapeutical target in osteosarcoma due to innate immunity and 

antiviral response activation.  

To test whether the innate immune response due to the loss of SFPQ can have a pro or 

anti-tumoral activity, we investigated a TCGA dataset of sarcoma patients building 

Kaplan-Meier plots by stratifying the patients according to the expression of single genes. 

Strikingly, sarcoma patients with low expression of SFPQ showed a higher survival rate 

compared to high expression SFPQ patients. Conversely, patients with high levels of ISGs 

(CCL5, DDX60, STING) showed longer survival time compared to the low expression 

ones. By contrast, DAXX does not stratify the patients (Figure 25A). Moreover, Kaplan 

Meier plots analysing combination of SFPQ and ISGs, provided surprising results. While 

high SFPQ/low ISG resulted in an increased patient death, low SFPQ/high ISG showed a 

prolonger parents survival (Figure 25B). 

This analysis show that patient survival curves recapitulates our experimental results.  

Together, these analysis provided strongly evidences for a putative clinical application of 

SFPQ downregulation or SFPQ-DAXX interaction destabilization, as this would translate 

into a better survival rate of sarcoma patients. 
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Figure 25. Kaplan Meier plots show better survival of sarcoma patients with high innate immunity 

genes  

A) Kaplan Meier plots of sarcoma patients indicating their survival time based on the expression of indicted 

genes. B) Kaplan Meier plots of sarcoma patients indicating their survival time based on the expression of 

indicted genes combined with SFPQ levels. Time is in months.  
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5 DISCUSSION 

Genomic instability is a hallmark of human cancer, with a critical role in tumour formation 

and progression [105]. The failure in contrasting replication stress and repairing damaged 

DNA are key sources of genomic instability. Persistent, uncontrolled R-loops are a known 

cause of replication stress, DNA breakage and mutagenesis, but also control chromatin 

condensation, gene silencing and mitotic stability [35], [100], [355]. Thus, R-loops are 

potent modulators of genomic instability and epigenetics in human cancer. R-loops form 

with high frequency at hotspots, defined by negative supercoiling, G-richness,  CG or AT-

skew, and presence of tandem repeats across the entire genome, also in non-coding and 

repetitive regions [8]. However, the mechanisms of R-loop management and the direct 

contribution of R-loops to genomic instability and cancer progression remain poorly 

understood.  

Recently, our laboratory identified SFPQ as novel TERRA interacting protein, playing a 

central role in controlling telomere function by suppressing telomeric R-loops. Loss of 

SFPQ leads to increased levels of R-loops, replication stress, DNA damage, chromosome 

fragility, and homologous recombination at telomeres [227]. However, the exact 

mechanism employed by SFPQ in suppressing R-loops in still unknown, as well as 

whether its action is restricted to the telomere. 

With this Ph.D. work we investigated SFPQ function at the genome-wide level and 

characterise its interaction with the histone chaperon DAXX. Moreover, the impact of the 

loss of SFPQ was investigated to unveil its impact on cell physiology. 

Among a panel of proteins found to interact with SFPQ, the H3.3 specific histone chaperon 

DAXX represented a promising candidate. Indeed, DAXX has being already described as 

R-loop regulator together with its canonical partner, the ATP dependent helicase ATRX, 

impacting on chromatin structure and accessibility [201], [208], [209], [377]–[379]. 

Using co-immunoprecipitation and protein pulldown assays we were able to demonstrate 

the specific interaction between SFPQ and DAXX. Notably, neither SFPQ interacts with 

ATRX, nor DAXX interacts with NONO, indicating the SFPQ-DAXX interaction as 

independent of their canonical partners. Moreover, SFPQ-DAXX interaction was 

maintained in ATRX null U-2 OS cells, supporting our hypothesis. However, Additional 

experiments involving gel-filtration will be necessary to demonstrate the formation of 

physiologically relevant SFPQ-DAXX complexes in cells. 

We showed that both SFPQ and DAXX have a common role in suppressing R-loops at 

telomeres. To test whether SFPQ was responsible for DAXX localization, both 

immunofluorescence and chromatin immunoprecipitation (ChIP) indicated that loss of 



93 
 

SFPQ resulted in DAXX delocalization from telomeres. The concept of SFPQ as recruiting 

factor is supported by the fact that SFPQ possesses RNA binding domains (RRM1 and 2), 

as well as an RGG domain, a type of domain reported to bind both RNA or DNA [221], 

[228], [229], [236]. Moreover, EMSA demonstrated that SFPQ is capable of binding R-

loop structures. However, SFPQ does not hold any catalytic activity per se. Instead, 

DAXX bears histone chaperon activity, but lacks nucleotide recognition domain(s) [351].  

SFPQ was previously described to suppress R-loops at telomeres, whereas DAXX was 

reported to act at telomeres, centromeres and other heterochromatic regions[201], [227], 

[377]. RNA-FISH demonstrated that also SFPQ localises to different types of repetitive 

regions, especially in context of increased R-loop formation by knock-down of RNaseH1. 

These experiments postulate a genome-wide action of SFPQ in suppressing R-loop 

formation, mediating DAXX localization. 

To prove this hypothesis, and to identify common binding sites of the SFPQ and DAXX, 

we performed a ChIP-Seq experiment in control and loss of SFPQ condition. We were 

able to confirm SFPQ and DAXX co-occupancy of many binding sites, commonly 

classifies as non-coding, repetitive regions, such as (peri)centromeres, satellites, and 

transposable elements (ALU, LINE). When investigating the impact on these binding sites 

upon knock-down of SFPQ, we found out that loss of SFPQ causes DAXX delocalization 

paralleled by reduced H3.3 abundance, and increase occupancy of DDR proteins, such as 

RPA, ATR, H2AX, RAD51, and FANCD2. Moreover, DNA:RNA hybrid 

immunoprecipitation (DRIP) confirmed increased hybrids level at analysed sites.  

Altogether, these findings indicate that SFPQ is protecting the genome from unscheduled 

R-loops at repetitive elements that would cause DNA damage and genomic instability. 

Indeed, metaphase chromosomes spreads of cells lacking SFPQ showed increased 

activation of the ATR pathway at the centromeric regions and elevated chromosomes arms 

ruptures and recombination events. 

Exacerbating R-loop formation to induce genomic instability is a powerful tool for treating 

cancer patients. Indeed, R-loop bursting agents such as ATR inhibitors VE-822 or 

topoisomerase II inhibitor Etoposide are currently on clinical trials or used in lung cancer 

treatment, respectively [380], [381]. Thus, the possibility to target SFPQ seems a 

promising option for cancer treatment. Currently, antisense-oligonucleotides (ASOs), 

morpholinos or PNA, are under clinical trials for different diseases [382]–[384]. A putative 

cancer treatment would require the use of an ASO targeting SFPQ, resembling siRNA 

mediated SFPQ knock-down.  
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Alternatively, the use of molecules that destabilize SFPQ-DAXX interaction may result in 

similar outcomes to loss of SFPQ, indicating an alternative therapeutic strategy. We 

consequently decided to dissect SFPQ-DAXX interaction to identify SFPQ domain(s) 

involved in DAXX recruitment. A panel of SFPQ deletion mutants were generated and co-

immunoprecipitation experiments identified the proline rich P domain critical for DAXX 

interaction. Moreover, stable cell lines showed that ectopic SFPQ lacking the P domain is 

neither able to prevent ATR activation nor to control DAXX localization upon depletion 

of endogenous SFPQ.  

In osteosarcoma patients, two SFPQ mutations have been identified, characterized by the 

insertions of four (AGCG) or three (AGC) nucleotides, both located in the P domain [366]. 

The first mutation causes a frameshift of the protein sequence, leading to the formation of  

a premature stop codon in position 200 of the amino acid sequence of SFPQ. By contrast, 

the tri-nucleotide insertion involves the loss of threonine in position 150 of the amino acid 

sequence, and the gain of a lysine and a proline (T150delinsKP). Notably, the P domain 

tri-nucleotides insertion (named SFPQ non-frameshift mutation, nFS) recapitulates effects 

observed in SFPQ ΔP version. The P domain has been previously escribed to play an 

important role in mediating protein–protein interactions, particularly with non-DBHS 

proteins. As reported by Rosonina et al., deletion of the proline-rich domain abolished the 

ability of SFPQ to associate with the transcriptional enhancer VP16 [230]. Altogether, this 

confirms the central role of the P domain in regulating protein-protein interaction, 

including SFPQ and DAXX. 

To explore the biological response linked to the loss of SFPQ, we performed RNA-seq 

experiment using U-2 OS cells. We found the activation of unexpected pathways, 

including the activation of innate immunity and response to virus. Is has been extensively 

reported that these pathways are triggered by the cytosolic DNA activated cGAS-STING 

pathway [337], [339]. Besides activation by pathogen infection, cGAS is able to sense 

endogenous cytoplasmatic DNA, especially under the form of micronuclei [346]. We 

confirmed that, upon loss of SFPQ, increased micronuclei in the cytoplasm that were able 

to stimulate cGAS-STING signalling, inducing interferon expression and activation of 

proinflammatory pathways. Interestingly, knock-down of DAXX recapitulates pathway 

activation (increased micronuclei, activated pIRF3), confirming that SFPQ and DAXX are 

acting in the same pathway. However, the downstream signalling (ISGs transcription) 

upon loss of DAXX didn’t recapitulate effects observed with loss of SFPQ. In particular, 

ISGs were not upregulated  upon knock-down of DAXX, with the exception of CXCL10 

that was downregulated under the same experimental conditions. These differences may 
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be due to different mechanisms. Removing DAXX still allows SFPQ presence and 

retention of its additional functions, such as RNA splicing and maturation, strongly 

impacting the transcriptional profile. On the other hand, DAXX is also known to be 

involved in alternative pathways, such as signal transduction during apoptosis or 

regulation of transcription [194], [385]–[388]. We propose that SFPQ depletion would 

leave unaltered DAXX functions, but permits the activation of an inflammatory response. 

In contrast, depletion of DAXX will affect multiple pathways that promote alternative 

outcomes. In line with this, loss of SFPQ causes STAT3 activation, while loss of DAXX 

does not, reinforcing our hypothesis in which DAXX is involved in inflammatory signal 

transduction. This substantial difference let us assume that loss of SFPQ may have a more 

potent outcome in modulating innate immunity activation and, presumably, counteracting 

cancer growth. For that reason, we decided to focus our attention on the involvement of 

SFPQ in modulating innate immunity, considering DAXX as an essential component of 

response activation. By using inducible U-2 OS cell lines overexpressing RNaseH1, that 

resolves R-loops and prevents the activation of ATR, we were able to demonstrate that the 

inflammatory response occurring upon knock-down of SFPQ was R-loop dependent. This 

indicates that the nuclear accumulation of unscheduled R-loops drives an accumulation of 

cytoplasmatic DNA that activates the cGAS-STING pathway, confirmed by H151 STING 

inhibitor treatment. By using R-loop busting drugs, it has been demonstrated 

that Pyridostatin provokes micronuclei accumulation and activate an interferon response, 

while Camptothecin drives R-loop mediated activation of the cGAS-STING pathway 

[350], [367], indicating that our data are consistent with and mirrored by literature data. 

We found that loss of SFPQ mediated activation of the cGAS-STING pathway is not 

specific for U-2 OS osteosarcoma cells, but is shared between different cell types, 

including high grade ovarian cancer OVCAR4  and non-small cell lung cancer H1299 

cells. However, we observed that downstream signalling via cGAS-STING varies between 

different cancer cell types. Compared to U-2 OS cells, innate immunity activation in 

OVCAR4 was different in terms of magnitude of activation (e.g. IL6 was highly up-

regulated), while in H1299 the activation less potent. This indicates that the outcome of 

the loss of SFPQ is strongly cancer cell type dependent, hypothesising differently impact 

on cancer progression and patient survival. By inspecting patients survival using TCGA 

datasets, we were able to observe that sarcoma patients with low expression of SFPQ have 

a better survival compared to high level patients. By contrast, patients with high ISGs 

expression (e.g. CCL5, DDX60, STING) present better survival compared to cohorts with 

low expression. These finding were not reproduced in ovarian or lung cancers. This 
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indicates that SFPQ-DAXX-cGAS-STING axis impairment may have particular relevance 

for sarcoma patients (schematic representation of the mechanism of action at Figure 26). 

   
A 

Figure 26. Mechanistic model of SFPQ impact on genomic stability 

A)  At repetitive regions (arrows), SFPQ acts with DAXX by suppressing R-loops, ensuring genomic 

stability. Upon SFPQ depletion, DAXX delocalization causes an increase in R-loops, leading to DNA 

damage and genomic instability. B) Loss of SPFQ mediated genomic instability causes micronuclei 

accumulation that, in turn, stimulate the cGAS-STING pathway, activating an immune response. The 

signature of such inflammatory response stratifies sarcoma patients, showing better survival with 

higher expression of innate immunity genes, postulating a therapeutic relevance of our finding on 

such tumors. Image generated with BioRender.com. 

B 
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Sarcomas represent a highly heterogeneous group of tumors originating from connecting 

tissues, such as bones, cartilages, muscles, and vessels [389]. This heterogeneity is 

reflected on the high diversity in the genetic background, with common mutations found 

only on few oncogenes, such as p53 and RB. In fact, cancer treatment relies mostly on 

multidrug chemotherapy using canonical, unspecific drugs, such as PARP inhibitors, PD-

L1 antagonists, and cytotoxic agents (Doxorubicin, Methotrexate, Cisplatin), and very 

limited target therapy, mostly represented by growth factor receptor inhibitors (Nilotinib, 

Bevacizumab), thus resulting in low precision treatments [390], [391]. The same scenario 

is true for osteosarcoma, confirming an unmet clinical need for better cancer treatments 

[392], [393]. Interestingly, mutations of paediatric osteosarcoma patients are enriched in 

genes involved in DNA damage repair (BRCA1/2, ATM, WRN), chromatin modification 

(ATRX, FANCE, RECQL4), and control of cell cycle (p53, RB, MDM2, MYC), that have 

been demonstrated to be involved in R-loop management [147], [177], [200], [354], [394], 

[395]. This suggests that R-loop busting therapies might represent a new line of treatment 

for osteosarcoma patients. Of note, interferon treatment in combination with 

chemotherapy such as Cisplatin or Etoposide has been reported to contrast osteosarcoma 

cells growth [396], [397]. Additionally, cells depleted for SFPQ were demonstrated to be 

more sensitive to Cisplatin treatments [365], together suggesting that mediating SFPQ 

function paired with Interferon and chemotherapy treatment may result in better patients 

outcome. Further experiments using more advanced preclinical models are required to 

support this hypothesis.  

Acute loss of SFPQ causes cell death and is lethal in animal models [398]. Thus, depleting 

SFPQ in patients by ASOs may result in severe side effects. To circumvent this problem, 

alternative therapeutic approaches may consist in disrupting SFPQ-DAXX interaction, 

without abolishing individual protein levels. Complex destabilization should result in 

DAXX delocalization, increased R-loop levels, and activation of the innate immune 

response, without impairing alternative DAXX functions. 

To produce first evidence for SFPQ-DAXX interaction destabilisation as trigger of an 

innate immune response, we took advantage of generated P domain variants. Ectopic 

overexpression of the P domain was able to recapitulate the loss of SFPQ (DAXX 

delocalization, ATR and IRF3 activation, ISGs increased expression). This phenotypes 

were not observed upon overexpression of the nFS mutated variant. These experiments  

suggesting that complex disruption may have therapeutic applicability. 

Aptamers, synthetically modified ingle-stranded oligonucleotides, have emerged as 

putative cancer drugs that bind and block protein activity, including protein-protein 
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interaction. Aptamers hold advantages when compared to classical chemotherapy agents 

[399]. Aptamers have demonstrated to be stable, non-immunogenic, and capable of cell 

internalization. Aptamers may be used to specifically disrupt SFPQ-DAXX interaction, 

affecting functions only related to this couple (e.g. R-loop resolution), leaving other 

functions related to DAXX or SFPQ unaltered. This may result in a less severe impact 

healthy cell and, potentially, on the patient. Further investigations are needed to verify the 

applicability of such systems and their actual contribution on cancer defeat. Based on the 

fact that our hypothetical treatment would be focused on the increased R-loop formation, 

a combinatorial treatment of cancer cell with R-loop inducing drugs might represent a 

powerful tool to exacerbate R-loop formation and subsequent inflammatory response. For 

instance, VE-822, Etoposide, Camptothecin derivatives (Topoisomerase I inhibitor) or 

Pyridostatin (G-4 stabiliser) are drugs reported to increase R-loop accumulation, and are 

currently in clinics (Etoposide, Camptothecin derivatives) or in clinical trials (VE-822, 

Pyridostatin). Cisplatin has been reported as well to have stronger effect when 

simultaneously altering R-loop metabolism [400], suggesting that loss of SFPQ might act 

synergistically with clinical drugs to defeat osteosarcoma. 

With this work, we identified SFPQ as strong suppressor of R-loops at repetitive regions 

at the genome-wide level, preventing the activation of the cGAS-STING pathway, thus 

blocking innate immunity. SFPQ is able to directly bind and suppress R-loops by 

mediating DAXX deposition of H3.3, impacting on the chromatin structure. When cells 

are depleted for SFPQ, boosted levels of R-loops are detected at repetitive regions, causing 

replication stress and activation of the HR dependent DNA damage repair.  By suppressing 

R-loops, SFPQ prevents activation of the cGAS-STING pathway, avoiding innate 

immunity activation. This pathway may have relevance for sarcoma cancer treatment, by 

wiping out R-loops suppression by DAXX. Targeting SFPQ-DAXX interaction is also 

expected to increase inflammation that may modulate the tumour micro-environment 

(TME) and improve survival.  

The next step of our research will be to use interfering molecules (e.g. aptamers resembling 

portions of the P domain or ASOs) and evaluate their role in activating innate immunity. 

In vivo studies should be performed as well, first to evaluate whether loss of SFPQ has an 

impact on carcer growth, and later to apply small molecules for cancer treatment.  

In parallel, samples form patients with SFPQ mutations shall be analysed to determine the 

impact of these mutations on genomic stability, ALT, DDR, and the impact on TME (cell 

infiltrate, inflammation markers). 

This will provide new therapeutic strategies for treating osteosarcoma patients. 
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